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Abbreviations 

 

PCR    Polymerase Chain Reaction 

CNS    Central Nervous System 

MPS     Mononuclear Phagocytic System  

s.s.    sensu stricto 

Mhc    Mycoplasma haemocanis 

CMhp    Candidatus Mycoplasma haematoparvum 

AK    Acanthamoeba Keratitis 

GAE    Granulomatous Amoebic Encephalitis 

DIC     Disseminated Intravascular Coagulation  

ATV    Atovaquone  

°C    Celsius degree 

IFAT    Indirect Fluorescent Antibody Test  

ELISA     Enzyme-Linked Immunosorbent Assay 

EPM     Equine Protozoal Myeloencephalitis  

cox1    cytochrome c oxidase subunit 1  

cytb    cytochrome b  

BARF    Biologically Appropriate Raw Food/ Bone And Raw Food 

bg    beta-giardin 

gdh    glutamate dehydrogenase 

tpi    triosephosphate isomerase 

n.s.     not specified 

min    minute 

s    secundum 

HCT    hematocrit 

RBC     red blood cell count 

HGB    hemoglobin concentration   
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1.  Summary 

 
Since the number of pet animals has increased worldwide in the last decades, and the 

diagnostic tools in veterinary parasitology also developed – ensuring access to more 

information on parasites –, the aim of the present study was to reveal the presence of different 

protozoa of various companion animals, and to examine their genetic diversity depending on 

the possible ways of their transmission. Therefore, altogether 1039 samples were collected 

from companion animals and examined for the presence of unicellular parasites with traditional 

parasitological methods and molecular biological methods including phylogenetic analysis. 

 First, 164 samples were collected from five rodent species and rabbits in five locations 

in Hungary, to examine the presence of G. duodenalis. Parasitological analysis revealed the 

presence of cysts in 58.3% of asymptomatic Norway rats and 27.6% of chinchillas. Three 

degus were also found Giardia-infected (prevalence: 16.7%) using flotation technique. With 

PCR targeting three genetic markers, 3.2% of the samples showed positivity, whereas a rate 

of 21.9% prevalence was detected with flotation. The PCR products of five samples could be 

DNA sequenced. Phylogenetic analysis based on the partial sequences of the beta-giardin 

gene revealed the presence of assemblages B and G in rats. In addition, assemblage E was 

detected in a beaver, while assemblage B was present in a chinchilla. The results show that 

synanthropic rodent species have different epidemiological roles in the study region, 

depending on the prevalence of shedding Giardia cysts or harboring zoonotic variants of G. 

duodenalis. Moreover, our findings confirm that pet rodents may pose a risk for zoonotic 

Giardia-transmission. 

 Oropharyngeal swab samples were collected in Hungary and Romania from 99 

columbiform birds, including 76 feral pigeons (Columba livia domestica: 42 kept for racing, 32 

with urban and two with rural habitat), four common wood pigeons (C. palumbus), 16 ring 

doves (Streptopelia risoria) and three Eurasian collared doves (S. decaocto). These samples 

were analyzed for the presence of T. gallinae using molecular methods. Racing feral pigeons 

had significantly higher prevalence of T. gallinae infection than urban feral pigeons. The rate 

of PCR-positivity was the highest among wood pigeons and ring doves. Based on 18S rRNA 

gene, T. gallinae was the most heterogenous among racing feral pigeons sampled in a trading-

breeding place. Clinical signs were associated with only one 18S rRNA gene subtype. The 

most divergent 18S rRNA gene subtype, Trichomonas sp. Hu-TG37 clustered with T. 

canistomae and T. tenax and represents probably a new species. To our knowledge, this is the 

first report on the genetic diversity of T. gallinae in the southern central and southeastern 

European region. The results suggest that most detected T. gallinae 18S rRNA gene subtypes 

are not host-specific and do not cause clinical signs. The highest number of 18S rRNA gene 

subtypes was demonstrated among racing feral pigeons. Significantly more captive than free-
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living columbiform birds had T. gallinae infection. These data highlight the importance of 

epizootic monitoring of the genetic diversity and presence of T. gallinae in trading-breeding 

places of pigeons and doves. 

In a further investigation, four wildcats, 94 domestic cats, and 25 dogs, originating from 

18 different locations in Hungary, were investigated for the presence of oral and large intestinal 

trichomonads based on the 18S rRNA gene and ITS2. All oral swabs were negative by PCR. 

However, Tritrichomonas foetus was detected in a high proportion among tested domestic cats 

(13.8%) and dogs (16%), and Pentatrichomonas hominis only in two domestic cats. In addition, 

a novel Tritrichomonas genotype was identified in one cat, probably representing a new 

species that was shown to be phylogenetically most closely related to Tritrichomonas casperi 

described recently from mice. All positive dogs and half of the positive cats showed symptoms, 

and among cats, the most frequently infected breed was the Ragdoll. With molecular methods, 

this study evaluated the prevalence of oral and intestinal trichomonads in clinical samples of 

dogs and cats from Hungary, providing the first evidence of T. foetus in dogs of this region. In 

contrast to literature data, P. hominis was more prevalent in cats than in dogs. Finally, a hitherto 

unknown large intestinal Tritrichomonas species (closely related to T. casperi) was shown to 

be present in a cat, raising two possibilities. First, this novel genotype might have been a 

rodent-associated pseudoparasite in the relevant cat. Otherwise, the cat was actually infected, 

thus suggesting the role of a predator-prey link in the evolution of this trichomonad. 

At a reptile farm in Ireland, fecal samples were collected from 98 captive reptiles, 

representing 43 species of three orders (Squamata, Testudines, and Crocodylia). After DNA 

extraction, all samples were screened by conventional PCRs, targeting the ribosomal small 

subunit (SSU) RNA and alpha-tubulin genes of trichomonads and SSU RNA gene of 

Acanthamoeba spp. One leopard gecko (Eublepharis macularius) was positive for a not yet 

reported species/genotype of the genus Monocercomonas, different from M. colubrorum. 

Various Acanthamoeba genotypes were detected in six reptilian species, i.e., Acanthamoeba 

genotype T11 in Eunectes notaeus and Heloderma suspectum/horridum; genotype T4 in 

Varanus exanthematicus, Chlamydosaurus kingii, and Macrochelys temminckii; and the 

genotype T13 in Iguana iguana. Some of these amoeba species might have clinicopathological 

significance in both humans and animals. Our findings highlight the importance of monitoring 

pathogenic protozoa in pet as well as wildlife reptiles, as a source of possible infection for 

animals and humans living nearby. 

Fecal samples of 89 pet animals kept on BARF diet were subjected to coprological 

examination followed by molecular analyses. Oocysts of Cystoisospora canis, a Cystoisospora 

ohioensis-like sp. and Eimeria stiedai, as well as sporocysts of a Sarcocystis sp. were 

detected. All samples were negative for Neospora caninum and Toxoplasma gondii. In 

conclusion, no evidence was found for the infection of BARF-fed dogs and cats with parasites 



9 
 

that are usually associated with this diet and considered as clinico-pathological risk factors for 

these pets themselves (e.g., N. caninum, T. gondii). However, BARF-feeding may contribute 

to the contamination of the environment with E. stiedai oocysts, thus increasing the risks of 

biliary coccidiosis in nearby living pet rabbits that would otherwise not have access to oocysts 

of E. stiedai. 

Fecal samples of four American Staffordshire terrier dogs (used for illegal fighting) were 

analyzed by DNA extraction, molecular-phylogenetic and parasitological methods, in order to 

examine the occurrence of protozoan, apicomplexan parasites. In one sample, the DNA of 

Sarcocystis morae was shown to be present. This species was identified based on 100% 

identity with already reported sequences of S. morae from cervids in Lithuania and Spain. The 

result was also confirmed by phylogenetic analysis. The sporocysts of the canine S. morae 

isolate measured 14.95 × 9.75 µm on average. This is the first molecular evidence in support 

of the final host role of domestic dogs in the life cycle of S. morae. The most likely source of 

the infection was raw meat given to the examined dog to increase its physical achievement. In 

conclusion, under similar circumstances dogs may participate in the life cycle of S. morae in a 

‘natural way’, shedding sporocysts/oocysts when used for hunting or taken to walks in forested 

areas. 

To investigate the presence of Hepatozoon felis and Cytauxzoon europaeus 127 

domestic cats and 4 wildcats were screened by PCRs targeting the 18S rRNA gene of 

Hepatozoon spp. and piroplasms, as well as the cytb gene of Cytauxzoon spp. The samples 

were collected inside and outside a region of Hungary, where both protozoan groups are 

endemic in wildcats. Among domestic cats, one proved to be infected with H. felis. 

Furthermore, spleen samples of four wildcats were also examined, among which three tested 

positive for H. felis, and one had co-infection with C. europaeus. Importantly, H. felis from the 

co-infected wildcat belonged to genogroup II, similarly to H. felis from the positive domestic 

cat. Based on phylogenetic evidence, this genogroup probably represents a separate species 

from genogroup I of H. felis, which was hitherto reported from Mediterranean countries in 

Europe. The two other wildcats also harbored H. felis from genogroup I. Neither Hepatozoon 

nor Cytauxzoon infections were detected outside the recently discovered endemic region. In 

conclusion, this study demonstrates for the first time in Europe that H. felis from genogroup II 

may emerge in free-roaming domestic cats in regions where this protozoan parasite is endemic 

in wildcats. 

Concerning blood samples from 79 American Staffordshire Terrier dogs, confiscated 

for illegal dog fights, were molecularly analyzed for tick-borne pathogens. Babesia gibsoni was 

detected in 32 dogs, i.e. with a prevalence of 40.5%. In addition, Babesia vulpes was found in 

8 samples (prevalence of 10.1%), for the first time in dogs in Hungary. Canine hemoplasmas 

were also identified in 49 samples (62%): only Mycoplasma haemocanis in 32 (40.5%) dogs, 
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only “Candidatus Mycoplasma haematoparvum” in 9 (11.4%) dogs, and both hemoplasmas in 

8 (10.1%) dogs. Thus, hemoplasma infections also showed a particularly high prevalence in 

this dog population. Based on a partial fragment of the 18S rRNA gene, B. gibsoni from 

Hungary exhibited complete sequence identity with conspecific strains reported from Europe 

and Asia. The cytochrome c oxidase subunit 1 (cox1) gene sequence of this isolate showed 

the closest identity with B. gibsoni reported from Japan but had a nonsynonymous mutation 

(M33I). Furthermore, the 11 B. gibsoni-positive samples analyzed for sequence variants of the 

cytochrome b (cytb) gene showed the presence of a common mutation (P310S). Most 

importantly, B. gibsoni had two further nonsynonymous mutations, M121I and F258L, in a dog 

with severe and relapsing anemia following atovaquone treatment. Phylogenetically, both cytb 

sequence variants clustered together, with a clear geographical pattern showing the closest 

relationship of both haplotypes identified in Hungary with those from China and Japan. To the 

best of our knowledge, this is the first cox1 and cytb characterization of B. gibsoni in Europe, 

as well as the first report on the emergence of this piroplasm and hemoplasmas with high 

prevalence among “fighting dogs” north of the Mediterranean Basin. 

 Last but not least, the genetic diversity of protozoan parasites was analyzed according 

to their different transmission routes (life cycle strategies), focusing on those species which 

were recently discovered or molecularly analyzed for the first time in Hungary or its 

geographical region. The results showed that among four apicomplexan parasites (B. gibsoni, 

C. europaeus, S. morae and H. felis) the latter had the highest genetic diversity as reflected 

by its 18S rRNA gene sequences showing high (1.75%) maximum intraspecific pairwise 

distance, and also, based on its phylogenetic clustering. This is probably related to the long 

evolutionary history of H. felis, the absence of its intravascular division and other life cycle 

characteristics precluding direct transmission between hosts. On the other hand, among non-

apicomplexan protozoa (T. gallinae, P. hominis, T. foetus and A. castellanii), the latter proved 

to have the highest genetic diversity (7.73%), most likely due to its long evolutionary history, 

lateral gene transfer, homologous recombination and the absence of direct host-to-host 

dispersal. Transmission mode had a significant impact on the genetic diversity among 

protozoan parasites, depending on life cycle strategies and consequent frequency/chance of 

sexual reproduction vs binary fission. In particular, the absence of direct transmission between 

hosts is a common trait of H. felis and A. castellanii, contributing to their high genetic diversity. 
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2. Introduction 

 

2.1.  Companion animals 

Most animals that live in the companion of human beings serve emotional, and not economic 

purposes, since people do not slaughter and eat them, do not use their milk, egg or fur. Rather 

they give them personal names, treat them as a member of the family, cuddle and groom them. 

Moreover, they are eagerly trying to provide them healthy and happy life. Pet animals have 

been proven to have a positive effect on people's mental and physical health, the cause of 

which might be a decrease in cortisol levels [1, 2]. Pets can induce a better sense of well-being, 

encourage a more active lifestyle and play a role in forming social relationships [3]. That strong 

bond between humans and pets can also have a significant benefit in healthcare, mainly at 

palliative care [4]. Among domesticated animals not only dogs, cats and horses are considered 

as companion animals but also birds, reptiles, amphibians, rabbits, rodents and fishes [3, 5].  

In addition to the increase in the number of pet dogs and cats, the number of these non-

traditional companion animals is also growing in families, therefore, the investigation of the 

parasites of all has an increasing importance [3, 6].  

 
2.2. Protozoa 

Protozoa are unicellular parasites with variable shape and size (usually less than 300 µm). In 

their structure, they are like other eukaryotes, but species belonging to phylum Apicomplexa 

have their characteristic apical complex with which they can enter the host cells. The DNA of 

most protozoa is stored in their nucleus and mitochondria, however, there are species, e.g. 

Giardia and Trichomonas, from which mitochondria are absent. Moreover, in trypanosomes 

the DNA structure of mitochondrion is found in an organelle called kinetoplast. Some groups 

of protozoa multiply asexually (binary or multiple fissions), but the multiplication mode of the 

majority is an alternation between asexual and sexual reproduction. They are able to adapt to 

diverse habitats, such as sea water, polar ice, fresh water and soil. Some protozoa can survive 

unfavorable environmental conditions by forming cysts or oocysts. Parasitic protozoa are 

heterotrophic, their energy is mostly generated by anaerobic glycolysis but in some cases also 

by complete aerobic oxidation of carbohydrates [7].  

Some protozoa are known for their zoonotic potential (e.g.: Leishmania, Giardia, 

Toxoplasma spp.) which may pose a threat to humans worldwide. Urbanization may imply 

potential spillovers of the protozoan infections between humans, domestic and wild animals, 

since wild and domestic carnivores are considered the first source of human infections with 

zoonotic agents [8].  
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 Currently, the term 'Protozoa' is regarded as a collective name without phylogenetic or 

taxonomic significance, to which wide range of single celled parasites belong. The taxonomic 

classification of the ones of veterinary importance is shown in Table 1 [7, 9]. 

 

Table 1: Classification of protozoa of companion animals based on the website 

http://taxonomicon.taxonomy.nl/. Red color indicates groups targeted in the thesis. 

Phylum Class Order Family Genus 

Euglenozoa Kinetoplastea Trypanosomatida Trypanosomatidae 
Trypanosoma1 

Leishmania1 

Metamonada Trepomonades Diplomonadida Hexamitidae Giardia2 

Parabasalia* Trichomonadea Trichomonadida 
Trichomonadidae 

Trichomonas3 

Tritrichomonas3 

Pentatrichomonas3 

Monocercomonadidae Monocercomonas3 

Amoebozoa 
Archamoebea* Entamoebida Entamoebidae Entamoeba2 

Discosea* Centramoebida Acanthamoebidae Acanthamoeba2 

A
p
ic

o
m

p
le

x
a

 

Coccidea 

Cryptosporida Cryptosporidiidae Cryptosporidium2 

Eimeriida 

Eimeriidae 

Eimeria3 

Isospora3 

/Cystoisospora3/ 

Sarcocystidae 

Toxoplasma4 

Neospora4 

Sarcocystis4 

Adeleida Hepatozoidae Hepatozoon1 

Haematozoea 

Haemosporida Plasmodiidae Plasmodium1 

Piroplasmida 

Babesiidae Babesia1 

Theileriidae 
Theileria1 

Cytauxzoon1 

1 vector-borne protozoa, 2 waterborne protozoa, 3 non-vector-borne protozoa with homoxenous life cycle, 4 non-

vector-borne protozoa with heteroxenous life cycle 

 

 

2.3. Transmission routes of protozoa 

All parasites need a host to survive and multiply, thus, to ensure their needs different strategies 

have evolved for efficient spread. Protozoa that can spread vertically may infect the offsprings 

transplacentally or galactogenically (e.g., Toxoplasma gondii), while others which spread 

horizontally between the hosts can use different strategies.  On the basis of the latter there are 

protozoa which primarily spread indirectly and are transmitted by arthropods, e.g., Leishmania 

http://taxonomicon.taxonomy.nl/
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spp. by sandflies, Babesia spp. by tick vectors, and they are called vector-borne protozoa. 

However, there are protozoa which do not need any vector to be spread and can infect the 

host directly, such as through fecal-oral route (e.g., Giardia spp., intestinal trichomonads, 

different coccidia) or sexually (e.g., Trypanosoma brucei equiperdum). In addition, some 

protozoa might be spread indirectly by water (as waterborne protozoa, e.g., Giardia spp., 

Cryptosporidium spp., Entamoeba and Acanthamoeba spp.), with contaminated food (all 

enteral protozoa) or with infected raw meat and viscera (as foodborne protozoa). Typical 

examples for the latter include Sarcocystis spp., Toxoplasma gondii and Neospora caninum 

[7, 10, 11]. Although specific transmission pathways of most protozoa can be difficult to 

determine, some routes are more frequent than others [10]. Therefore, in this study, the most 

common protozoa of companion animals are detailed along two main groups, i.e., vector-borne 

and non-vector-borne protozoa. The latter is further divided into three groups, such as 

waterborne protozoa, protozoa with homoxenous life cycle (developing without intermediate 

host) and protozoa with heteroxenous life cycle (developing with intermediate host). 

 

2.4. Vector-borne protozoa 

 
2.4.1. Hepatozoon 

Canine and feline hepatozoonosis is caused by different apicomplexan protozoa from 

Hepatozoidae family. Hepatozoon canis and Hepatozoon americanum can infect dogs, while 

Hepatozoon felis, Hepatozoon silvestris and H. canis can cause symptoms in cats [12–14].  

The main transmission route is the ingestion of  ixodid tick vectors, however, in the absence of 

vectors, transplacental infection is also thought to be possible [12, 14]. The pathogenicity and 

clinical manifestation of the disease strongly depend on the species. Among species occurring 

in Europe, H. canis mostly invade to lymph nodes, spleen, bone marrow, liver, kidney and 

lungs, while in infection with H. felis and H. silvestris the skeletal and cardiac muscles are 

affected [18]. 

 Hepatozoon canis is transmitted by the ingestion of brown dog tick Rhipicephalus 

sanguineus sensu lato, as a result of which two merogonies take place in the aforementioned 

organs of the host, then elliptic gamonts are formed in neutrophil granulocytes and monocytes 

[7]. Dogs infected with H. canis may remain asymptomatic carriers, or present mild disease 

accompanied with anemia and lethargy, however, dogs with high parasitemia frequently show 

severe clinical symptoms e.g., fever, severe lethargy, weight loss, enlargement of the lymph 

nodes and the spleen. Although H. americanum is primarily present in the USA and in Central 

and South America, and not in Europe, the infection is worth mentioning, since it usually leads 

to more severe, sometimes fatal disease. To establish a diagnosis, gamonts might be detected 

in the blood smear by light microscope, however, studies showed that PCR is up to 22 times 
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more sensitive [7, 14].  As treatment imidocarb diproprionate is recommended, however, the 

chance of complete elimination is limited. Therefore, tick control is strongly recommended [7]. 

Hepatozoon canis had been reported as autochthonous parasite in Southern European 

countries with a Mediterranean climate (e.g., Greece, Italy, Spain, Portugal) [14]. However, its 

presence in dogs was also reported in Romania, Poland, Serbia and Hungary [15–18]. 

In Europe, also cats can be threatened by Hepatozoon species among which H. felis is 

the most common. The vector of H. felis is still unknown, however, it is assumed that 

Rhipicephalus sanguineus might be involved in the transmission [12, 19]. The development of 

H. felis takes place in skeletal and cardiac muscles of the host, and the gamont forms can be 

observed in neutrophil granulocytes during parasitemia, though, only in less than 1%  [14, 20]. 

Therefore, as in dogs it is recommended to use PCR for diagnosis [13]. Symptoms include 

anemia, increased levels of creatine-kinase and lactate-dehydrogenase, however, the infection 

often remains subclinical. Furthermore, there is no controlled treatment of feline 

hepatozoonosis, however, combination of imidocarb dipoprionate and doxycycline has proved 

to be effective [20]. In Europe the infection with Hepatozoon spp. can be considered emerging 

among domestic cats (Felis catus), since during the last decade several cases were reported 

in Western Europe [12] and in Mediterranean countries, e.g., in Italy, Spain and Greece [21–

24]. In Central Europe, the first clinical case in a domestic cat infected with H. felis was recently 

described [25]. 

Beside cats and dogs, non-traditional pet can also be infected with Hepatozoon species, 

such as rats with Hepatozoon muris by oral transmission of Laelaps mites, and snakes with 

other Hepatozoon spp. by ingesting infected Diptera [7].  

 

2.4.2. Babesia 

Piroplasms (Apicomplexa: Piroplasmida), i.e. species of Babesia, Theileria and Cytauxzoon, 

are obligate intracellular protozoan parasites, transmitted cyclically to their vertebrate hosts by 

hard and soft ticks  [26]. Among them, members of the group Babesia (sensu stricto) infect 

erythrocytes and thus can affect humans, wildlife, livestock and companion animals [26, 27]. 

Babesia caballi is worldwide distributed and causing equine piroplasmosis along with Theileria 

equi. Clinical disease is mostly attributed to intravascular hemolytic anemia causing varying 

degrees of symptoms, but most horses remain long-term carriers. The clinical manifestation of 

B. caballi infection in horses is usually less severe than T. equi infection [28]. Main vectors are 

ixodid ticks belonging to the genera Amblyomma, Dermacentor, Haemaphysalis, Hyalomma, 

Ixodes and Rhipicephalus. The distribution area in Europe extends from Portugal and Spain 

to France, Italy, Hungary, Romania, Ukraine and Russia [7]. Babesia caballi is endemic in Italy 

[29], however, in Hungary it seems less common, since hitherto only horses from Hortobágy 

region have been confirmed positive with serological test. Interestingly, 6.74% of horses 



15 
 

examined in that study were infected with Babesia canis, which is primarily common in dogs 

[30]. 

Canine babesiosis is caused by several Babesia spp., which are classified based on 

their size. Thus, large Babesia species of the dog include B. canis, Babesia vogeli and Babesia 

rossi, all from the group Babesia (s.s.) [26]. On the other hand, Babesia gibsoni (Babesia 

(s.s.)), Babesia conradae (Western Babesia group) and Babesia vulpes (Babesia microti 

group) belong to the category of small Babesia species [26, 31]. Among large Babesia spp. B. 

canis is a widely distributed protozoon of great clinical importance. The prevalence of B. canis 

depends largely on the occurrence of the Dermacentor reticulatus vector which occurs widely 

in Europe. In acute phase of the disease fever, apathy, anemia and CNS signs are 

characteristic. Disseminated intravascular coagulation (DIC) associated with acute renal failure 

is a common complication. Since parasitemia is usually low (1%), the diagnosis might be 

challenging. It is worth noting that if the patients stay untreated (without the application of 

imidocarb diproprionate), they may die within 24 hours. Chronic cases may show apathy, 

emaciation, anemia, icterus and/or hemoglobinuria [7]. Babesia canis has been causing severe 

disease in dogs for a long time in Hungary, and its presence was also confirmed molecularly 

in 2005 [32]. 

Among small Babesia spp., B. gibsoni is regarded as an emerging pathogen, with 

increasing significance in dogs both in North America and Europe [31, 33]. This species may 

induce severe clinical signs such as B. canis, although it may also cause subclinical infection 

depending on such factors, as the pathogenicity of its strain, the immune status or age of the 

host [34, 35]. Considering the epidemiology of B. gibsoni infection, this piroplasm can also be 

acquired transplacentally [36]. However, the predominant mode of its transmission appears to 

be through bite wounds [34], in which cases usually illegal dog “fighting” and relevant breeds 

(American Staffordshire Terrier and American Pit Bull Terrier) are involved [34, 37]. These dogs 

frequently have co-infections with other hemotropic pathogens which are also able to spread 

via dog bites, as exemplified by B. vulpes and canine hemotropic mycoplasmas (Mycoplasma 

haemocanis (Mhc) and “Candidatus Mycoplasma haematoparvum” (CMhp)) [38, 39]. In 

addition, like other babesiae, B. gibsoni can also be transmitted by hard ticks. Babesia gibsoni 

has a worldwide distribution, and is endemic to North America, Asia, Africa, Australia and 

Europe. Hard tick vectors of this piroplasm include Haemaphysalis longicornis and H. 

bispinosa in Asia, probably H. leachi and/or Rhipicephalus sanguineus (s.s.) in Africa [40], and 

the latter tick species in North America and Europe [33, 35, 41, 42].  

In Europe, the prevalence of B. gibsoni tends to be higher in countries of the 

Mediterranean Basin and the Balkan Peninsula, where its biological vector, R. sanguineus 

occurs, ranging from 0.7–5.7% in random sample groups and 2.0–28.6% among symptomatic 

and “fighting dogs”. However, owing to the possibility of its spread by other means, the 
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sporadic, autochthonous occurrence of B. gibsoni has also been documented north of the 

Mediterranean Basin [31]. In particular, clinical cases have been reported from Mediterranean 

countries (Croatia, Italy and Spain), Serbia, Romania and, in addition, from Germany, Poland, 

Slovakia, and the UK [31, 43–45]. However, in Europe, data are incomplete in terms of 

geographical distribution and prevalence. In addition, the mutation (M121I) which is thought to 

be responsible for atovaquone (ATV) resistance [46] has not hitherto been reported on this 

continent. In Hungary, the first reports on the occurrence of small Babesia spp. in dogs were 

based on studying piroplasms in blood smears and splenic impression smears [47, 48]. 

However, their species status remains uncertain due to the lack of molecular identification, 

especially since B. canis can also exhibit small Babesia spp.-like morphology depending on 

the conditions of sampling [49] and B. vulpes is known to occur in the country [50]. Additionally, 

B. gibsoni was molecularly identified in a stray dog imported from Hungary to Germany [51].  

It is worth noting that rodents can also become infected with a zoonotic small Babesia 

species, namely the Babesia microti. Its occurrence is rare in Europe, however, several Ixodes 

spp. can play a role in its life cycle. Disease in humans develops few weeks after inoculation, 

especially in immunosuppressed patients [7]. 

 

2.4.3. Cytauxzoon 

Cytauxzoon spp. infect mammalian hosts by their tick vector during blood meal [52], however, 

transplacental route can also occur [53]. As belonging to Theileriidae family first they replicate 

in MPS cells, then in red blood cells of cats and wild cats [7]. Feline cytauxzoonosis caused by 

Cytauxzoon felis is a long-recognized disease of domestic cats in North America, where the 

bobcat (Lynx rufus) is the natural reservoir of the infection [52]. The vectors are two tick species 

of the genera Amblyomma and Dermacentor [52, 53]. The infection in domestic cats is often 

associated with high mortality and affected animals show fever, vomiting, anemia, icterus and 

hepatosplenomegaly. The detection of C. felis is frequently based on the examination of blood 

smears, however, molecular methods are more specific and sensitive in the identification [52–

54]. Concerning the treatment of feline cytauxzoonosis the combination therapy of 

azithromycin and atovaquone (A&A) has proved to be the most effective, however, atovaquone 

targets the cytochrome b (cytb) and its efficacy is mutable [52]. In Europe, feline Cytauxzoon 

infection is caused by three recently described species, Cytauxzoon europaeus, Cytauxzoon 

otrantorum and Cytauxzoon banethi [55]. Their presence was reported in European wildcat 

(Felis silvestris) and lynx (Lynx pardinus, Lynx lynx), as well as in domestic cats from 

Switzerland, Germany, France, Italy, Spain and Portugal. Interestingly, European Cytauxzoon 

spp. seem less virulent than C. felis [56]. The vector has hitherto been unknown, but Ixodes 

ricinus or a Dermacentor sp. might play a role in the transmission [57]. In line with this, in 

Hungary C. europaeus was detected in I. ricinus removed from an infected wildcat [58]. 
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2.5. Non-vector-borne protozoa 

 

2.5.1. Waterborne protozoa  

 

2.5.1.1. Giardia 

Giardia species (Metamonada: Diplomonadida) are flagellate protozoan parasites that infect a 

broad range of vertebrate hosts and are ubiquitous in mammals worldwide [59, 60]. They have 

two developmental stages: (1) the cyst that is ingested by the host, usually with drinking water 

or food, and will give rise to (2) the trophozoite that will multiply epicellularly on the small 

intestinal mucosa. The latter way of parasitism may entail pathological consequences, such as 

villous atrophy, malabsorption and diarrhea, but a high ratio of Giardia-infections remain 

asymptomatic [60]. Transmission of giardiasis occurs through the fecal-oral route (between 

animals or as zoonotic agent) or indirect (i.e., waterborne or foodborne). Cysts play a major 

role in diagnostics. It is worth mentioning that finding them under the microscope might be 

challenging, particularly if it is performed by a non-trained professional. However, other 

techniques are also available, such as detection of coproantigens (cyst wall proteins) with rapid 

immunochromatographic assays, direct fluorescence assays or molecular techniques [61, 62]. 

Currently, there are eight Giardia species recognized [63]. Among these, from a veterinary-

medical point of view, the most important is Giardia duodenalis, which is the only species 

infecting humans; although various mammalian hosts, including pets and livestock, are also 

susceptible [64]. In terms of treatment different drugs might be used for giardiosis, e.g., 

fenbendazole, metronidazole, tinidazole or secnidazole [65, 66].  

For more than two decades, increasing amount of data attest that G. duodenalis should 

be considered as a species complex, members of which show little morphological variation but 

are genetically distinct enough to be assigned to nine distinct assemblages (A–I) [59, 67, 68]. 

These assemblages were proposed to deserve taxonomic revision as separate species [68]. 

Considering the hosts of the main assemblages within G. duodenalis, rodents appear to 

predominate [69]. They can harbor at least six assemblages, including among the others the 

zoonotic A and B, as well as the rodent-specific assemblage G and assemblage E from 

livestock [70]. Moreover, rodents are the only hosts of G. duodenalis that can be found close 

to humans in both rural and urban areas as synanthropic wild animals and pets [71, 72].  

 Despite this, studies on the prevalence and genetic diversity of G. duodenalis infecting 

various species of rodents are less frequently reported than research in this context involving 

single species of other synanthropic mammals, such as dogs or cattle. This is in part due to 

the fact that rodents tend to harbor another species, Giardia muris more frequently than G. 

duodenalis  [73]. On the other hand, genotyping is not always successful in small mammals 
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[70]. Nevertheless, importance of this topic is well illustrated by the nomenclature of the 

disease caused by G. duodenalis in humans, as it is frequently referred to as “beaver fever” 

on account of beavers passing cysts of zoonotic genotypes into water [74].  

In Europe, only a limited number of reports are available on the prevalence and 

genotypes of G. duodenalis in small mammals, some of them targeting wild rodents [73], others 

sampling pet rodents [75, 76]. At the same time, while beavers appear to be repeatedly 

investigated in this context in North America (e.g., [77]), there appears to be only one relevant 

report from Europe [78]. Regarding Hungary, data are available from a study in which dogs 

were tested for the presence of Giardia, and assemblage C and D were found [79]. 

Furthermore, assemblage A and B were also detected in aquatic birds and in different water 

sources [80, 81]. 

 

2.5.1.2. Acanthamoeba 

Among species that belong to phylum Amoebozoa the opportunistic Acanthamoeba species 

phylogenetically belong to Acanthamoebidae family. They are free-living protozoa found on 

various environmental sources, as soil, air, water etc., and have also two life stages, a 

trophozoite stage and a cyst stage. The latter may spread through the airways and eyes (with 

contact lenses in humans) [82–84]. Based on the cyst stage they have been assigned into 

three separate groups (Group I-III) [82]. In addition, they have also allocated into genotype 

groups based on the complete sequence of 18S rRNA, which currently results in 23 described 

groups (T1-23), among which T4 is the most frequently found in clinical cases (e.g., 

Acanthamoeba castellanii and Acanthamoeba lugdunensis) [85]. Common host of these 

species might be the reptiles, since these ubiquitous protists have been detected in the 

gastrointestinal tract, feces, brain and skin lesions of them [86–88]. However, some of them 

can be pathogenic to other companion animals and also to humans [89], causing skin lesions, 

keratitis (Acanthamoeba Keratitis: AK), or encephalitis (Granulomatous Amoebic Encephalitis: 

GAE) [90, 91]. Although Acanthamoeba infections are not limited to the eyes, keratitis is the 

most common clinical consequence in humans, as well as in cats, as only keratitis has been 

reported in domesticated cats [92, 93]. In dogs the investigations have noted another variety 

of signs, including anorexia, pyrexia, secretions from the eyes and nose, limb stiffness and 

neurological manifestations [94–96]. Interestingly, in a horse amoebic placentitis was reported 

which was caused by Acanthamoeba hatchetti belonging to T11 [97].  

Acanthamoeba Keratitis is treated topically in humans with various eye drops, such as 

chlorhexidine, polyhexamethylene biguanide and diamidines, while in animals is lack of data 

but topical dexamethasone was proved to worsen the symptoms in rabbits and hamsters [94]. 
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2.5.2. Protozoa with homoxenous life cycle 

 

2.5.2.1. Trichomonads 

Trichomonads sensu lato (Parabasalia: Trichomonadidae) are anaerobic protozoan parasites 

that live on the mucosal surface of the gastrointestinal tract and reproductive system of both 

animals and humans. Their multiplication takes place by longitudinal binary division, and the 

transmission is direct between the hosts. They are highly active flagellates and have only 

trophozoite form [98, 99], however, in an unfavorable condition they are able to form 

pseudocyst [100]. Although they are thought to be vulnerable, some of them proved to be more 

resistant to environmental conditions, since they could survive for seven days in moist feces 

at room temperature (23-24ºC) [101].  

In dogs and cats trichomonads might be found in the oral cavity, such as Trichomonas 

tenax, Trichomonas canistomae and Trichomonas felistomae [102–104], and also in the gut 

since two species are able to colonize their large intestinal tract. One is Tritrichomonas foetus 

which is able to cause chronic and recurrent diarrhea accompanied with mucus and/or fresh 

blood in both [98, 99, 105]. The other protozoon is Pentatrichomonas hominis which is 

considered commensal and opportunistic, thus its clinical importance has been contested, 

however, its presence has already been described in dogs and cats in connection with diarrheal 

symptoms [106, 107]. They are transmitted directly between hosts via fecal-oral route [98]. 

Based on microscopical examination these species are difficult to distinguish morphologically 

from each other, and also from Giardia duodenalis which often occurs in co-infection [98, 99, 

107].  

Many diagnostic methods are available such as direct examination of fresh feces, fecal 

culture and PCR, the latter of which is the most used and most sensitive procedure. 

Furthermore, there are various approaches in sample collection, i.e.: freshly voided stool, 

collection manually by fecal loop or colon flush technique. It is worth noting that the excretion 

of trophozoites might be intermittent and can be influenced by previous antibiotic therapy [98, 

99]. Ronidazole is currently the only effective drug for the treatment of T. foetus infection in a 

dose of 30 mg/kg once daily for a period of 14 days in cats [98, 108]. However, both dogs and 

cats may be affected by neurotoxic side effects such as lethargy, ataxia and seizures [109]. 

The treatment of P. hominis is still in question since the infection has been successfully treated 

with metronidazole in puppies [110], but in kittens this has not been shown to be effective [111].  

Concerning the occurrence of Tritrichomonas foetus which is worldwide distributed and 

the most common trichomonad in cats [98, 99], it has already been reported in several 

countries in Europe using direct examination, fecal culture or PCR. Based on the latter, the 

prevalence of T. foetus infection in cats with chronic diarrhea was the highest (38.7%) in Spain 

[112], followed by 24.4% in Switzerland [113]. In addition, in studies in Germany and Italy not 
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only symptomatic cats were examined and T. foetus occurred with 15.7% and 5.2% prevalence 

rates, respectively [71, 114]. Within Central and Eastern Europe, the highest prevalence 

(20.51%) was reported in Poland [115]. However, among neighboring countries of Hungary the 

occurrence of T. foetus in cats was only reported in Austria with a prevalence of 2.9%, with P. 

hominis also being detected in the study [116]. In comparison with cats, T. foetus occurs 

sporadically in dogs [105, 106, 117], and in Europe this was reported only in Italy [118, 119]. 

By contrast, P. hominis might be more common in dogs than cats, as indicated by its high 

prevalence of 31.4% in China [106]. Interestingly, relevant data in Europe are scarce, since P. 

hominis was reported only in breeding kennel dogs in France, with 12.1% prevalence and in a 

case in Slovenia [120, 121]. In addition, P. hominis in cats was detected by PCR only in the 

United States, Japan, Thailand, Austria and the Czech Republic [111, 116, 122–124]. Among 

oral trichomonads in pet animals, apart from T. canistomae and T. felistomae [103, 104], the 

zoonotic T. tenax has also been detected [102, 125, 126]. Furthermore, a new trichomonad 

species, Trichomonas brixi has recently been reported in dogs and cats in Czechia [125]. 

Overall, few data are available on the prevalence of trichomonads in dogs and cats in Central 

and Eastern Europe.  

Considering avian trichomonads, Trichomonas gallinae is widespread in birds from 

various orders, including Columbiformes, Accipitriformes, Strigiformes, Psittaciformes, 

Falconiformes and Passeriformes [127–129]. Among columbiform birds, the rock pigeon 

(Columba livia) is the main reservoir of this parasite. The most important route of trophozoite 

transmission between birds is oral by saliva, through shared water and food sources [128, 130, 

131]. In columbids the predominant way of spreading to nestlings is via crop milk [127]. 

Additionally, predatory birds can become infected by consuming a carrier prey item, since 

trichomonas trophozoites may survive in carcasses for at least 48 hours [128, 130, 131]. 

Trichomonas gallinae can persist for up to one hour in various water sources, e.g., in gutters 

and drinkers [132], but higher temperatures (30-35˚C) can further prolong its survival [133]. 

Although it is able to form pseudocyst in unfavorable conditions, the moist environment is 

essential to maintain its infectivity [128]. 

Trichomonas gallinae is often considered a normal inhabitant (commensal) of the 

mucosal surface in the upper gastrointestinal tract [128]. However, by eliciting inflammation in 

the underlying tissues or when entering more distally the digestive tract of birds, this protozoan 

parasite might cause mild to severe lesions depending on strain virulence and host 

susceptibility. Infection with highly pathogenic strains may lead to death. However, 

columbiform birds may also be asymptomatic carriers of T. gallinae, ensuring the carefree 

spread of this protozoon. In addition, if protective immunity develops, affected birds become 

resistant to a new infection [128, 130, 134, 135].  
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Regarding pathogenesis, T. gallinae trophozoites establish preferentially in the upper 

gastrointestinal tract (the oropharynx, esophagus and crop), where they can cause yellowish 

necrotic lesions. In severe cases trichomonosis can lead to starvation and suffocation. 

Furthermore, T. gallinae can spread to tissues of the cranium, thorax, and abdomen, as well 

as of the liver and air sacs causing similar lesions, with deepening tissue involvement, referred 

to as canker [127]. Recently, massive death of passeriform birds (the greenfinch, Chloris 

chloris, and the goldfinch, Carduelis carduelis) due to infection with a specific lineage of T. 

gallinae has been reported throughout Europe [129]. Nitroimidazoles are the most used drugs 

in birds, but resistant strains have been reported in domestic pigeons. Thus, novel treatments 

based on propolis or plant extracts are emerging [136, 137]. 

Avian trichomonosis has been reported to have a worldwide occurrence [128]. In 

Europe, as on other continents, columbiform birds play the most significant role in the 

maintenance of T. gallinae [128]. The prevalence in western and southern Europe is high 

among wild columbids (74%: [135]), unlike in northern central Europe where only a little more 

than one third of racing pigeons proved to be PCR positive [138]. 

Considering additional companion animals, members of the family Trichomonadidae 

also occur in reptiles, and can be found in the urogenital and gastrointestinal tract of their host. 

They have hitherto been detected in numerous reptile species, mostly based on morphological 

observations, e.g., in Bothros jararaca, Eryx johnii, Phelsuma dubia, and Physignathus 

cocincinus [139, 140]. 

 

2.5.2.2. Monocercomonas 

Species of Monocercomonadidae are also mucosoflagellates known for their flagella and for their 

dwelling on the surface of the mucous membrane. All species of Parabasalia phylum have parabasal 

body that is connected to their flagellar apparatus [141]. Monocercomonadidae species differ from 

Trichomonadidae species by the absence of undulating membrane [142]. They live in the 

digestive tract of mammals, birds, reptiles, amphibians, fish and arthropods, and transmitted 

directly. Monocercomonas ruminantium occurs in rumen of cattle, while Monocercomonas 

cuniculi is found in caecum of rabbits, however, both are considered non-pathogenic protozoa 

[7]. In addition, Monocercomonas colubrorum is a facultatively pathogenic species often found 

in snakes and lizards caused depression, weight loss, abdominal pain, aggressiveness and diarrhea. 

Interestingly, this parasite is prone to burrow under the epithelium, as a result of which can be seen 

between the epithelium and lamina propria. Although Monocercomonas spp. mainly occur in the 

gastrointestinal tract, they can also be found in gall bladder, lungs and oviducts of snakes causing 

inflammation of the affected organ [142, 143].  
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2.5.2.3. Protozoa causing intestinal coccidiosis 

Members of Coccidea class are the causative agents of coccidioses in a broader sense. 

However, the term “coccidiosis” is also used in a narrower sense to define the infections that 

are caused by species of the family Eimeriidae. Protozoa (Eimeria and Isospora spp.) 

belonging to the latter family are worldwide distributed and have strict host specificity. It is worth 

mentioning that the formerly uniform genus lsospora was divided into the genera Isospora 

infecting birds and Cystoisospora infecting mammals.  

The most important species that can infect companion animals are summarized in the 

Table 2 [7, 144]. Three types of development alternate in their life cycle, merogony, gamogony 

and sporogony. The first two phases take place in the host cell intracellularly, while sporulation 

befalls in the environment, and the host gets infected by ingestion of sporulated oocysts. Most 

species develop in the epithelial cells of the host’s gut causing damage and inflammation, 

mainly enteritis with varying severity, e.g., in rabbits diarrhea, obstipation or tympany can be 

observed, while in carnivores the infection is often inapparent, or diarrhea, vomiting and 

anorexia occur. Hemorrhagic enteritis is rare in rabbits, however, they can frequently have 

more serious multifactorial disorders (enteritis complex), associated with pathogenic 

Escherichia coli strains, Clostridium spp., Bacillus piliformis and rotavirus infections. 

Furthermore, Eimeria stiedai-infected rabbits with liver coccidiosis (papillomatous proliferation 

of bile ducts) may show similar symptoms, which often accompanied with icterus [7]. With 

parasitological methods the oocysts of the coccidia can be routinely detected. In their oocysts 

the distribution of sporocysts and sporozoites are different depending on whether it is an 

Eimeria or an Isospora/Cystoisospora. The classification based on other features (size, shape 

etc.) of oocysts is possible in some cases e.g., for E. stiedai, Cystoisospora canis, 

Cystoisospora felis, Cystoisospora rivolta and the Cystoisospora ohioensis-complex. Into the 

latter “group” Cystoisospora ohioensis, Cystoisospora neorivolta and Cystoisospora burrowsi 

belong to and are difficult to be distinguished, therefore, they are described as C. ohioensis-

complex [145, 146]. All species are transmitted through fecal-oral route, however, the infection 

might have been associated with raw meat consumption, since monozoic tissue cyst of 

Cystoisospora spp. can occur in paratenic hosts [147]. In course of the treatment of rabbits, 

dogs and cats toltrazuril and sulfonamides are commonly used drugs [7]. 

As a result of a survey in 2001 in Hungary, 490 dogs were screened for various 

parasites and Cystoisospora spp. occurred  with a prevalence of 3.5% [148]. Moreover, 

considering coccidiosis of rabbits in Hungary also little data are available but in a recently 

published study 32% of rabbits from Hungarian and Slovakian farms proved to be infected with 

any Eimeria spp. [149]. 
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Table 2. Species causing “coccidiosis” in companion animals. 

Host Species 

pigeon Eimeria labbeana, E. columbarum 

horse Eimeria leuckarti 

rabbit 
Eimeria stiedai, E. intestinalis, E. flavescens, E. irresidua, E. magna, E. 

media, E. piriformis 

mice Eimeria falciformis, E. vermiformis, E. papillata 

rat Eimeria separata, E. nieschulzi 

guinea pig Eimeria caviae 

captive birds lsospora serini, Eimeria reichenowi, E. gruis 

dog Cystoisospora canis, C. ohioensis, C. burrowsi 

cat Cystoisospora felis, C. rivolta 

reptile Eimeria spp., Isospora spp. 

 
 

2.5.3. Protozoa with heteroxenous life cycle 

 
2.5.3.1. Toxoplasma 

Toxoplasmosis is caused by an obligate, intracellular parasite namely Toxoplasma gondii, 

which belongs to the Sarcocystidae family. It can infect almost all warm-blooded animals, 

including cats, dogs and humans, and is known as a major concern of public health worldwide. 

Globally about 60% people of population are reported to be infected with T. gondii [150]. 

Felines are the definitive hosts, shedding the oocysts into the environment for a period 

of 1–2 weeks. It is worth noting that not just the sporozoites (within the sporulated oocysts) are 

the infectious stages of T. gondii but also tachyzoites and bradyzoites (in tissue cysts) [150–

152]. Tissue cysts of T. gondii may occur in the most common meat-producing animals, such 

as poultry, cattle, sheep and pig. Among pets while dogs are the intermediate hosts of this 

parasite, cats can shed more than 1 million oocysts/g with their feces, thus, the latter are of 

great epidemiological importance concerning both animals and humans [7, 150, 153]. The 

development of T. gondii depends on whether it happens in the final or intermediate host. In 

case of the previous one if the cat ingests the bradyzoites (from tissue cyst containing raw 

meat/viscera), an enteroepithelial phase takes please with merogony, gamogony and oocyst 

formation. In addition, if the cat is infected by a sporulated oocyst, usually an extraintestinal 

development, i.e., tachyzoite proliferation and bradyzoite formation in tissue cyst befall. 

Moreover, some extraintestinal parasite stages may return to the gut and complete the lifecycle 

and form oocysts. Concerning intermediate hosts, followed by the ingestion of oocyst or tissue 

cyst tachyzoites are rapidly produced within nucleated host cells in a parasitophorous vacuole. 

Tachyzoites due to their rapid proliferation, are released by rupture of the host cell and spread 
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throughout the body by bloodstream [7]. Transitions may occur between the tachyzoites and 

bradyzoites, some of which are thought to enable the bradyzoite to hide from the immune 

detection, thereby leading to persistent infection [154]. They reach various tissues such as 

skeletal muscle, cardiac muscle, or CNS (brain, spinal cord and retina), and consequently 

cause a life-long, latent infection. Regarding its effect on the CNS, the dopaminergic system is 

of great interest, as dopamine is essential for movements and various forms of learning, 

including fear [154]. Interestingly, the infected rodents are more active and attracted to the cat 

odor, which may lead to suicidal tendencies, as it might be presented in humans as well [155–

157]. In addition, transplacental infection can also happen which may cause serious problems 

of the fetus in humans, such as abortion or congenital infection. Of which latter can entail with 

severe pathological defects (hydrocephalus, blindness or mental retardation) [158]. Small 

ruminants are highly susceptible to T. gondii infection, which often causes severe problems, 

such as abortion, absorbed or mummified fetus. In cats the infection is inapparent when it is 

limited to intestinal infection. Although extraintestinal infection occurs rarely, it may cause more 

serious symptoms in kittens, e.g., anorexia, apathy, pneumonia, fever, diarrhea, encephalitis, 

hepatitis or uveitis. Clinical manifestation is also rare in dogs, even though they are often 

infected. However, if pregnant bitches have primary infection with T. gondii they may abort, 

and their puppies presumably show CNS symptoms. Neosporosis and Hammondia heydorni 

infection must be considered in differential diagnosis. While T. gondii will not produce oocysts 

in the intestine of dogs [7], the DNA of T. gondii can be detected in dog’s feces [152].  

The oocysts are rarely found in the feces of cats, since the period of oocyst shedding 

is significantly short, in addition, oocysts of T. gondii cannot be morphologically differentiated 

from those of Hammondia hammondi. In diagnosis, out of PCR methods antibodies can also 

be detected in both cats and intermediate hosts, as it was performed in Hungary in 2008, when 

330 cats were examined to assess the seroprevalence of T. gondii and Neospora caninum 

infection of cats with indirect fluorescent antibody test (IFAT). The prevalence of toxoplasmosis 

was 47.6%, interestingly, 22.4% among urban, 50% among suburban and 61.3% among rural 

cats. Furthermore, older female cats proved to be more predisposed to the infection with T. 

gondii [159]. The correlation between the older age and T. gondii positivity was also confirmed 

by a study in 2024. In this, fewer (31.7%) cats were found to be seropositive, among which 

there was a higher proportion of cats living outdoors [160]. 

Treatment of domestic carnivores is only recommended in case of acute disease. Cats 

are primarily treated with clindamycin, which may decrease the shedding of oocysts but it 

cannot eliminate bradyzoites hiding in tissue cysts. [7, 161]. 
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2.5.3.2. Neospora 

Neosporosis is a worldwide distributed parasitic infection caused by Neospora caninum from 

Sarcocystidae family. Primarily dogs and cattle are affected by this protozoon, however, wide 

range of domestic and wild animals can also be infected. In addition, Neospora hughesi may 

occur in horses and underlie of various neurological symptoms associated with equine 

protozoal myeloencephalitis (EPM).  

The definitive host of Neospora caninum is the dog (or wolf (Canis lupus)/ coyote 

(Canis latrans)), by which the oocysts are excreted to the environment and survive for months 

to years. While in the intermediate host the bradyzoites within the thick-walled tissue cyst can 

survive at 4°C for a minimum of 14 days and are also resistant to pepsin and trypsin digestion. 

Neospora caninum can spread both horizontally and vertically. Considering the latter one, 

transplacental and galactogen transmission may occur, while during horizontal transmission 

N. caninum can spread with contaminated water and food, or with infected tissues of 

intermediate hosts. After the ingestion of sporulated oocysts or tissue cysts, the sporozoites 

and bradyzoites transform into tachyzoites in the intestinal epithelium, then reach uterus 

through the bloodstream, and invade many other cell types, mostly CNS cells, endothelial cells 

and myocytes. Thus, the formed tissue cysts are mostly found in nerve tissues (brain, spinal 

cord and retina) and in muscles [7, 162]. Dogs of any ages can have neosporosis, however, 

serious symptoms usually occur in young dogs, particularly in congenitally infected puppies. 

First hind limb paresis can be observed that might develop into a progressive paralysis. 

Interestingly, the neurological symptoms depend on which site is parasitized. The hind limbs 

are frequently affected and show rigid hyperextension. Furthermore, difficulties in swallowing, 

jaw paralysis, muscle atrophy and even heart failure can be detected. In cattle N. caninum 

causes abortion at 5–6-month of pregnancy. Fetus may die in the uterus then be resorbed, 

mummified, autolyzed, stillborn, or born alive with or without clinical signs. Neurological signs 

have only been reported in calves younger than 2 months of age. [163].  

Diagnosis requires the detection of N. caninum oocysts in the dog's feces, but it is 

assumed that dogs showing clinical signs may not shed the oocysts. Histopathology and 

immunohistochemistry are highly recommended in reproductive problems, as molecular and 

serological tests also. The IFAT, the Neospora agglutination test and the enzyme-linked 

immunosorbent assay (ELISA) are the most used techniques for the detection of N. caninum 

antibodies [162]. The prevalence of Neospora caninum in dogs in Europe is relatively high 

(17.94%) compared to the data from other continents [164]. Regarding countries neighboring 

Hungary, the seroprevalence in Serbia was 15.4% for cows and 17.2% for dogs [165], while in 

Romania it was 32.7% for dogs [166]. In Hungary the presence of N. caninum was first 

described in 1998 and 2001 in association with bovine abortion [167, 168], then in 2006 
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seropositive cattle and dogs were also reported [169, 170]. Although cats were also screened 

for N. caninum, it occurred at a low prevalence compared to T. gondii [159].  

Overall, the screening proved to be very important in that field, since the risk of abortion 

is two to three times higher in seropositive than in seronegative cows [171]. In order to 

decrease the economic loss of cattle farms and prevent the spread of N. caninum, dogs should 

never be fed with placenta or dead calves, fetuses or raw/undercooked meat, and should be 

protected from fecal materials of carnivores around livestock [163, 171]. Although dogs with 

systemic infections can be treated with clindamycin or pyrimethamine in combination with 

sulfonamides, the shedding of cysts cannot be stopped by chemotherapy [7]. 

 

2.5.3.3. Sarcocystis 

Sarcocystis species are intracellular protozoan parasites, which are obligatorily heteroxenous, 

i.e., their development involves both an intermediate and a final host. While there are 

approximately 200 valid species in the genus Sarcocystis, until recently the complete life cycle 

was only known for 26 of them [172]. However, the life cycle of Sarcocystis species was 

described first by Rommel et al. in 1972 [173]. Sarcocystis species usually have 

herbivorous/omnivorous animals as intermediate hosts, in which they undergo asexual 

multiplication in endothelial cells of blood vessels and eventually establish in muscle or nerve 

cells [172]. After infected tissues of the intermediate host are consumed by the final host, 

sexual reproduction takes place in its small intestinal wall, entailing passage of infective 

oocysts/sporocysts to the environment [172]. In most cases, after intestinal sporulation the thin 

wall of oocysts ruptures releasing the sporocysts into the feces. Sporocysts measure 13-16x8-

11 µm in dogs and 10-12x7-8 µm in cats, depending on the species. Consequently, the 

intermediate hosts are becoming infected by ingesting sporocysts with food or water [7].  

Sarcocystis-infection may cause pathologic consequences in the intermediate host, 

while carnivorous final hosts usually remain unaffected even in case of copious sporocyst 

shedding [172]. However, occasionally they may show symptoms of diarrhea due to 

sarcocystiosis limited to their intestine. Regarding intermediate hosts the clinical symptoms 

are also rare, sometimes generalized myositis can be observed [7]. Twenty-one valid species 

of Sarcocystis are known to infect dogs as final host, most of which develop in domestic and 

wild ruminants as intermediate hosts [174]. In addition, several new Sarcocystis spp. have 

recently been described from cervids in Europe [175, 176], for most of which the final hosts 

are unknown but are suspected to be canids based on phylogenetic properties. Interestingly, 

carnivores might also be intermediate hosts, e.g., of Sarcocystis arctica and Sarcocystis lutrae 

in Europe [177]. Furthermore, Sarcocystis neurona uses dogs and cats as intermediate hosts, 

and can cause equine protozoal myeloencephalitis (EPM) in horses as aberrant hosts in North 
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America [7, 178]. In cases where myositis occurs in dogs, decoquinate treatment can be 

effective [179]. 

Out of fecal examination and necroscopy, serological and molecular techniques are 

also required to make diagnosis [7]. Zoonotic species (e.g., Sarcocystis suihominis or 

Sarcocystis hominis) also exist, and have particularly important public health significance. In 

Europe, the prevalence of human sarcocystiosis has been estimated between 1.1-10.4% [180], 

however, to the best of our knowledge, in Hungary molecularly identified Sarcocystis spp. have 

hitherto only been reported from cattle and mallards [181, 182]. Overall, carnivores have a 

significant role in the epidemiology of many Sarcocystis spp., therefore, it is important to avoid 

feeding dogs and cats with raw/undercooked meat unless it has been frozen (3 days at -20 °C) 

[7, 150, 153].  

 

2.6. Genetic diversity of protozoa 

Parasitic species exhibit a broad spectrum of population structures and life-history strategies, 

including different transmission modes, life cycle complexity, off-host survival mechanisms and 

dispersal ability [183]. Life history traits determine genetic diversity and thus the evolutionary 

potential of host–parasite interactions. In this way, genetic diversity is crucial for the parasites, 

ensuring higher chances of host-adaptation and survival in the course of their evolution [183]. 

On the other hand, genetic diversity is also important from taxonomic and diagnostic points of 

view when studying these parasites. Although there are mechanisms which decrease genetic 

variability among parasites, for instance the treatments of parasitic infections [184], numerous 

events in the life cycle act in the opposite way. In general, haplotype diversity is controlled by 

multiple processes, such as mutation, recombination, and demography [185]. 

Among most protozoan parasites, there is evidence for a role of frequent, although not 

obligate, genetic exchange, which enhances parasite diversity [186]. Genetic exchange is 

known to occur during the life cycle of many parasitic protozoa, most notably in association 

with their sexual reproduction in the final host or biological vector [187]. Sexual reproduction 

is an essential part of protozoan life cycles, but it may not be exactly known (in each and every 

taxon) where and how it takes place. It is considered a major source of genetic diversity in a 

population, and thus advantageous, because it accelerates adaptation to fluctuating 

environments or purges deleterious mutations [188]. On the other hand, unisexual 

reproduction introduces more limited genetic diversity through mother-daughter cell fusion, and 

has been found in both vector-borne and non-vector-borne protozoa [189]. Predominance of 

binary fission (unisexual reproduction) may act at the cost of processes ensuring genetic 

diversity. For instance, when occurring in the blood stream, it can ensure mechanical 

transmission of identical genotypes to multiple (a multitude of) hosts from a common source. 
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Population genetics theory predicts that clonally reproducing organisms show low 

genetic diversity, whereas sexually reproducing organisms show high genetic diversity as a 

result of recombination [190]. Homologous recombination is critical to maintain genome 

stability and to ensure genetic diversity during meiosis [191]. It is also known that genetic 

diversity in vector-borne-protozoan populations depends on transmission dynamics [192, 193]. 

Hungary is among the few European countries where in the past decade a high number 

(nearly twenty species) of protozoan parasites were either discovered to occur or were at least 

analysed with molecular biological tools for the first time, providing new molecular data in an 

international context [194]. Utilizing this opportunity, it was considered important to estimate 

the transmission route-dependent, 18S rRNA gene diversity of selected protozoan parasites, 

focusing on species that were reported recently in Hungary, including in the first place those 

that are being discussed here.  
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3. Aims of the studies 

 

The aims of the study were: 

Ad 1. to screen Giardia-infection in rodents and rabbits with traditional parasitological 

methods and further evaluation of positive samples with molecular biological tools. 

Ad 2. to investigate the prevalence, genetic diversity and phylogenetic relationships of 

avian Trichomonas species in Hungary and Romania, where no similar data are available.  

Ad 3. to determine the presence and prevalence of trichomonads infecting cats and 

dogs in Hungary. 

Ad 4. to screen the feces of a broad range of captive reptiles for DNA of protozoan 

parasites with veterinary-medical significance from phylum Parabasalia. 

Ad 5. to reveal if there is a correlation between the presence of Acanthamoeba and 

ocular illnesses in canine and feline patients. 

Ad 6. to identify protozoa found in the feces of dogs and cats fed with raw meat, to 

ascertain the source of their food, and to assess the epidemiological and public health 

significance of detected parasites. 

Ad 7. to examine Sarcocystis sporocysts from dog feces with molecular-phylogenetic 

and parasitological methods. 

Ad 8. to screen for the presence of Hepatozoon felis and Cytauxzoon europaeus in 

outdoor domestic cats that live in a recently discovered endemic area in Hungary, where these 

infections were reported to emerge in wildcats [59]; furthermore, to examine domestic cats 

outside this endemic region in comparison. 

Ad 9. to investigate (a) the prevalence of Babesia gibsoni in “fighting dogs” subjected 

to police confiscation in Hungary; (b) the molecular characteristics of B. gibsoni focusing on 

the cytochrome c oxidase subunit 1 (cox1) and cytochrome b (cytb) genes; (c) hematological 

parameters and co-infections in the dogs; and (d) the occurrence of any cytb mutations that 

were reported to be relevant in the context of ATV resistance. 

Ad 10. to reveal whether the mode of transmission influences the genetic diversity of 

protozoa found in this study.  
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4. Materials and methods 

 

4.1. Sample collections from different hosts 

4.1.1. Samples to screen Giardia species 

In this study, 27 intestinal contents and 137 fecal samples (164 samples in total) of five rodent 

species and rabbits were included (Table 5). Most samples were collected from small mammals 

that were rescued or found dead due to natural causes, as well as from patients of an exotic 

pet clinic, sampled during regular veterinary care between 2022 and 2023 in Budapest 

(sampling site “d”) and Komárom (sampling site “e”), Hungary (Figure 1). Fecal samples were 

stored for a maximum of four days at 2-6 C before processing. All available relevant clinical 

data (i.e., anamnesis) were recorded. In addition, contents of the small (n=12) and large 

intestine (n=15) were removed from beavers that were caught as part of an official campaign, 

to reduce their populations [195]. Ethical permissions were issued by local county authorities: 

(a) Győr-Moson-Sopron (14178–10/2016, 88–4/2018, GY-02/TV/00293–7/2019); (b) Jász-

Nagykun-Szolnok (JN 07/61/01703–2019, JN/07/61/00079–69/2018, PE/KTFO/5519–

11/2019); (c) Zala (ZA/KTF/00092–7/2020); (d) Budapest (e) Komárom.  

 

 

 

 

Figure 1. The origin of rodents and lagomorphs tested in the study. (a) Győr-Moson-Sopron county (Hegykő) 3 

European beavers (Castor fiber) (b) Jász-Nagykun-Szolnok county (Jásztelek and Jászsági main channel) 6 

European beavers (Castor fiber) (c) Zala county (Szentpéterfölde) 6 European beavers (Castor fiber) (d) 

Budapest [12 chinchillas (Chinchilla lanigera); 2 degus (Octodon degus); 22 rabbits (Oryctolagus cuniculi); 12 

Norway rats (Rattus norvegicus); 10 guinea pigs (Cavia porcellus)] (e) Komárom-Esztergom county (Komárom) 

11 chinchillas. 68 faecal samples (of 137 fecal samples in total) from 10 degus, 53 chinchillas and 5 domestic 

rabbits have no location data. 
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4.1.2. Samples to investigate Trichomonas species of avian hosts 

Oropharyngeal mucosal samples were collected with sterile cotton swab applicators randomly 

from 99 columbiform birds that underwent routine veterinary examination in Hungary (n=77) 

and Romania (n=22) between May and August 2021. Four avian host species were sampled, 

each bird on one occasion, including feral pigeons (Columba livia domestica: 42 racing, 32 

urban and 2 rural), wood pigeons (n=4), ring doves (n=16) and Eurasian collared doves (n=3). 

Racing pigeons were sampled at a trading-breeding place in Csepel (Budapest, Hungary). To 

assess the necessity of culturing T. gallinae prior to DNA extraction, the swab sampling was 

performed in duplicates from 20 racing pigeons, and one swab sample was placed into 8 ml 

CPLM culture medium with Trichomonas selective supplement (Biolab Diagnostics Laboratory 

Inc., Budapest Hungary), containing streptomycin, penicillin and sterile inactivated horse 

serum (pH adjusted to 6). These cultures (n=20) were kept at 37 ºC for two days. All other 

swab samples (n=99) were placed in 2 ml sterile Sarstedt tubes and frozen at -20 ºC. 

 

4.1.3. Samples to investigate trichomonads infecting dogs and cats 

From June 2021 to September 2023, 208 samples were collected from 25 dogs (Canis lupus 

familiaris), 94 domestic cats (Felis catus) and four wildcats (Felis silvestris) in Hungary. 

Domestic cat and dog samples originated from 18 locations, including the South-Central part 

of the country (n=31), the capital city Budapest and its surroundings (n=28), Lake Balaton and 

the surroundings (n=29) and Aggtelek National Park (n=30) (Figure 10). Wildcats were 

sampled at the latter location. Sampling of cats in and around the Aggtelek National Park was 

carried out as part of a targeted sampling campaign with nature conservation purposes. 

Five collection methods were applied during the study: fecal swabbing (114), voided 

feces (45), InPouch® TF-Feline test from Biomed Diagnostics [DCN Dx, Carlsbad, CA, USA 

(9)], oral swabbing (35), and post-mortem sampling of the intestinal wall of the colon (5). For 

the evaluation of sensitivity in detecting intestinal trichomonads, different sampling methods 

were used simultaneously on a limited number of animals. Of the 114 animals which were 

sampled with fecal swabs, voided feces (n = 40) or samples for InPouch test (n = 5) were also 

collected. Only one cat underwent sampling was sampled with all three methods. During fecal 

swabbing, a cotton swab was introduced 3–4 cm deep into the rectum of the animal and gently 

rotated at least three times, connecting it with the rectal wall. A similar procedure was 

performed for oral swabbing. In addition, intestinal tissue samples were taken from the 

carcasses of four wildcats and one domestic cat. Swab samples and tissue samples were then 

placed in sterile Sarstedt tubes. During the collection of fresh feces, it was a prerequisite that 

the samples should be at least 1 g, free from litter or other contaminants. These freshly voided 

feces were obtained immediately after excretion and placed in sterile fecal collection 

containers. The tubes and fecal containers were stored in a freezer (−20 °C) until evaluation. 
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Lastly, the test with InPouch TF-Feline was performed according to the manufacturer’s 

instructions. 

During the investigation a total of seven different cat breeds were sampled: Ragdoll 

(41), Devon Rex (1), Maine coon (2), European shorthair (47), Persian- Himalayan (1), British 

shorthair (1), and Persian (1). Regarding dogs, a higher ratio of mixed breeds were included 

in the study.  

 

4.1.4. Samples to screen parabasalids and acanthamoebae from captive reptiles  

Fecal samples of 98 reptiles were collected at the National Reptile Zoo in Kilkenny City, Ireland, 

between March and July 2021. These captive animals represented 43 species and belonged 

to three orders (Squamata, Testudines, and Crocodylia; Supplementary Table 1). None of them 

have been purchased recently and they did not show any clinical symptoms. From all of them 

fecal samples were obtained in a non-invasive way, i.e., their fresh feces were collected from 

their artificial enclosure, attempting to exclude soil contamination. Fecal samples were placed 

inside pre-labelled Sarstedt tubes which were then stored at -20 °C until sample processing. 

 

4.1.5. Samples to examine the presence of acanthamoebae in the eyes of dogs 
and cats 

In conjunction with two veterinary ophthalmologists in Hungary, a total of 115 samples from 

dogs and 45 cat’s samples were obtained and used in our investigation. Samples were taken 

between May and September of 2023 and came from locations distributed throughout 

Budapest and the northern part of Hungary. All 115 of the canine samples came from domestic, 

privately owned dogs that presented to veterinarians with clinical ocular signs. The majority 

(67%) of the feline samples were acquired from feral cats residing in Aggtelek National Park, 

with only 15 samples coming from privately owned cats. To acquire our conjunctival samples, 

we gently rubbed sterile cotton swabs along the conjunctiva of our subjects. The cotton swabs 

were then placed and sealed in Sarstedt tubes and stored frozen at -20℃ until processing. 

 

4.1.6. Samples to investigate protozoa from the feces of dogs and cats kept on 
BARF diet 

81 dogs and eight cats were involved in this study, all kept on BARF diet. From September 

2021 to July 2022 fecal samples were collected from three different part of Hungary, the region 

of Budapest, Central Transdanubia and Northern Great Plain. The samples were stored at 2-

6 C before processing. 
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4.1.7. Samples to examine Sarcocystis sporocysts from dog feces 

Fecal samples of four dogs were analyzed. All were American Staffordshire terriers (two males 

and two females, estimated age 5-6 years, weight 16.7-23.2 kg), originating from the region of 

Cegléd/Nagykőrös in Hungary. These dogs were confiscated during a police operation against 

illegal dog fighting in 2020, November. Their fecal samples were analyzed as part of a 

campaign to screen Babesia-, and Giardia-infection with parasitological and molecular 

methods.  

 

4.1.8. Samples for screening the presence of H. felis and C. europaeus in wildcats 
and outdoor domestic cats 

During this survey infections with Hepatozoon and Cytauxzoon spp. were investigated in 131 

cats. In 2021–2022, anticoagulated (EDTA-containing) blood samples were collected from the 

vena cephalica antebrachii of 126 clinically normal domestic cats (Felis catus) with known 

history of outdoor activity: 88 were from non-endemic regions of eastern and southeastern 

Hungary (Debrecen: n = 73, Szeged: n = 15), and 38 from the recently discovered endemic 

region (north-eastern Hungary: Aggtelek National Park) (Figure 15). In addition, spleen 

samples of a domestic cat and four European wildcats (Felis silvestris) which were found as 

road-kills between 2015–2021 in the endemic area were also examined. For DNA extraction 

from tissues, samples were taken from the middle of organs to exclude surface contamination, 

using a sterile scalpel blade or scissors. All tissue was kept frozen at −20 °C until processing. 

 

4.1.9. Samples to investigate B. gibsoni in fighting dogs in Hungary 

In this study, samples of 86 American Staffordshire Terrier dogs were used. These dogs were 

confiscated by the police because they had been involved in illegal dog fights. The dogs came 

from the North Central region of Hungary. The mean age of dogs was 16.57 ± 16.73 months 

according to estimated data, and they included 30 puppies (mean age: 5.52 ± 2.87 months). 

The sexes were nearly evenly distributed, and no ticks were found on the dogs. From the 

confiscated dogs, EDTA blood samples were collected, drawn from the cephalic vein in 

December 2020 (prior to any treatment). 

 

4.2. Data recording 

All data were obtained from owners, veterinarians or collaborating partners (co-authors) at the 

time of sampling. Generally, all available and relevant clinical data (i.e., anamnesis) were 

recorded during the study. However, in three cases, additional data was collected, which are 
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detailed below. In addition, during the examination of genetic diversity the sequences of 

protozoa were synthesized (4.2.4.).  

 

4.2.1. In the investigation of cats and dogs for the presence of trichomonads 

Most of the samples were accompanied with a sample inquiry, to provide information on the 

location, date of birth, breed, sex, sampling method, collection time and symptoms (but not 

treatments). A map of Hungary was created to illustrate the geographic locations the sampled 

cats and dogs, using Google DrawingTM (Figure 10). 

 

4.2.2. In the investigation of cats and dogs kept on BARF diet for the presence of 
protozoa 

Questionnaires were filled out by the owners, to ascertain the source and type of raw meat or 

viscera given to the animals, whether the food contained nerve tissue, or if it was frozen before 

feeding. Additional questions referred to the usage of anthelmintics and signs of illness during 

the BARF diet.  

 

4.2.3. In the investigation of dogs for the presence of B. gibsoni 

The age and sex of all dogs tested were provided. Although circumstances did not allow a 

detailed physical examination to be carried out, at the time of confiscation most dogs were 

clinically normal, but in a poor condition and with fresh or healing wounds on their bodies. 

However, two dogs showed lethargy and signs of anemia: in these B. gibsoni was detected via 

PCR during preliminary testing in a commercial laboratory (Figure 2: during confiscation). A 

third dog had pica and gastrointestinal symptoms. Four dogs were found dead during the police 

operation, at their original keeping place. 

 

4.2.4. In the investigation of genetic diversity of protozoa 

Eight protozoan parasite species discovered recently in Hungary were chosen, with relatively 

long 18S rRNA gene sequences in GenBank, available from various hosts/countries. These 

included four heteroxenous, relatively stenoxenous apicomplexan parasites, i.e., Babesia 

gibsoni (representing Babesiidae; with transovarial, tick-borne transmission), Cytauxzoon 

europaeus (representing Theileriidae; with transstadial, tick-borne transmission), Hepatozoon 

felis (representing haemogregarines; with transstadial, tick-borne transmission) and 

Sarcocystis morae (representing cystogenic coccidia; with dogs as final and cervids as 

intermediate hosts). In addition, four homoxenous, more euryxenous non-apicomplexan 

parasites were analysed: Trichomonas gallinae (typically spreading between hosts by direct 

contact), Pentatrichomonas hominis and Tritrichomonas foetus (with the potential involvement 
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of transport hosts in the life cycle) and Acanthamoeba castellanii, a soil- and water-inhabiting, 

free-living amoeba that can become opportunistic parasite but is never shed from its host. 

 

4.3. Hematology and treatment 

Hematology was only performed during the examination of fighting dogs tested for the 

presence of B. gibsoni. Blood samples were available from 79 dogs for molecular biological 

analyses, and from 70 of them for hematological examination, as some samples could not be 

evaluated due to in vitro clotting caused by sampling error or other reasons. Hematological 

parameters were evaluated by ADVIA 2120 Hematology System (Siemens Healthineers, 

Erlangen, Germany). The follow-up of hematological parameters was conducted with URIT-

3000 Vet Plus Hematology Analyzer (Medex Worldwide, Bucheon-si, Province, Gyeonggi-do, 

South Korea). Pre-treatment blood analyses were performed on the day of sampling (Figure 

2: day 7 and 9), thereafter the remainder EDTA-anticoagulated blood samples were stored at 

-20 °C until further study.  

All infected dogs which had anemia (hematocrit (HCT) < 30%) were treated with ATV 

at a dose of 17 mg/kg BID (bis in die) and azithromycin at a dose of 13 mg/kg SID (semil in 

die) for 10 days (Figure 2: day 3 and day 35). Moreover, one dog (named Bejgli) developed 

secondary immune-mediated hemolytic anemia. Therefore, this dog additionally received 

prednisolone and pantoprazole at a dose of 2 mg/kg SID and 1mg/kg SID, respectively (Figure 

2: day 3). She responded well to the treatment but then developed recurrent anemia. 

Therefore, on day 33 another blood was taken from Bejgli for further molecular examination. 

Moreover, six months later 16 out of confiscated dogs (including Bejgli) were resampled for 

molecular analysis, though no data are available in terms of treatment after day 35 (Figure 2). 
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Figure 2. Timeline illustrating the sequence of events relevant to the study, including clinical 

observations/interventions, as well as laboratory analyses. 

 
 

4.4. Parasitological examination 

Traditional parasitological methods were performed in five different cases (4.4.1-4.4.5).  

 

4.4.1. Flotation technique for the detection of Giardia spp. in rodents and rabbits 

Screening for the presence of Giardia cysts was performed with flotation in the case of all 

samples, except for beaver gut contents (all of which were included in molecular analyses). 

This involved soaking of 3 g feces in 10 ml 0.9 % sodium chloride solution for 10-15 minutes, 

then flotation in 1200 g/l ZnSO4 solution at 3000 rpm for 5 min with Megafuge 8 centrifuge 

(Thermo Fisher Scientific, Budapest Hungary). Evaluation of the presence of cysts was done 

using Leica DM 2000 light microscope (Leica Microsystems, Wetzlar, Germany) with 400× 

magnification. 

 

4.4.2. Flotation technique for the detection of protozoa of dogs and cats kept on 
BARF diet 

Flotation (using 1300 g/l zinc-sulfate solution) was carried out on 3-5 gram of the samples that 

arrived at the laboratory of Department of Parasitology and Zoology, University of Veterinary 

Medicine, Budapest. Diagnostic evaluation of samples and measurements were performed 
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with a calibrated light microscope (Leica Microsystems, Wetzlar, Germany). Then the fecal 

samples were stored at -20ºC until further investigation. 

 

4.4.3. Flotation technique for the detection of Sarcocystis spp. in dog feces 

First, molecular screening was carried out to detect piroplasm and other apicomplexan DNA in 

the feces. The Sarcocystis-positive fecal sample was further analyzed by flotation which was 

performed in Breza solution (specific gravity 1.3 g/l) and concentrated sporocysts were 

examined with light microscopy, including measurement of 50 sporocysts with morphometry. 

 

4.4.4. Evaluation of blood smears for the presence of Hepatozoon and 

Cytauxzoon spp. in cats 

Blood smears were prepared from freshly collected blood samples taken from cats, then fixed 

with ethanol, stained with May–Grünwald–Giemsa and examined under light microscope 

(Leica Microsystems, Wetzlar, Germany). 

 

4.4.5. Evaluation of blood smear for the presence of B. gibsoni in dogs 

After the blood was taken from the confiscated dogs, blood smears were prepared, fixed with 

ethanol, stained with May–Grünwald-Giemsa and examined by a Leica light microscope (Leica 

Microsystems, Wetzlar, Germany). 

 

4.5. Molecular analysis 

 
4.5.1. DNA extraction 

4.5.1.1. Fecal samples 

From all fecal samples examined in this study the DNA was extracted using the QIAamp® Fast 

DNA Stool Mini Kit (QIAGEN, Hilden, Germany) according to the manufacturer's instructions 

or with slight modifications, which are detailed below (4.5.1.1.1.-4.5.1.1.4.). During DNA 

extractions, each set of samples included an extraction control to monitor cross contamination. 

Furthermore, all DNA extracts were stored at -20 ºC until molecular analysis by conventional 

PCRs. 

 

4.5.1.1.1. Examining the feces and intestinal content of rodents and rabbits for the 
presence of Giardia spp. 

Prior to DNA extraction 1 g of samples were soaked in 0.9 % sodium chloride solution 

according to the method mentioned in 4.4.1., then filtered. DNA was extracted from all Giardia 

cyst-containing samples and all beaver samples using the kit according to the manufacturer’s 
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instructions with one modification. In particular, during the incubation with InhibitEX Buffer, 

fecal samples were subjected to three freeze-thaw cycles including freezing at -80 °C for 

overnight, followed by prolonged incubation at room temperature.  

 

4.5.1.1.2. Examining the feces of cats and dogs for the presence of trichomonads, and 
of reptiles for parabasalids 

In both investigations the DNA was extracted using the kit with some modifications, i.e., prior 

to adding Buffer AL, the solution was incubated at 56 °C for 60 min, and then the Buffer AW1 

was used twice during the washing procedure.  

 

4.5.1.1.3. Examining the feces of cats and dogs kept on BARF diet for the presence of 
protozoa 

The DNA was extracted using the kit with slight modification. In particular, as the first step, 

mixtures of 300 mg fecal sample and InhibitEx solution were subjected to three freeze-thaw 

cycles, i.e., frozen overnight at -80 ºC and then kept in room temperature (20-25 ºC) for 12 

hours. The latter procedure was included to increase the breaking up of cyst walls of protozoan 

parasites and thus the efficacy of DNA extraction. 

 

4.5.1.1.4. Examining the feces of dogs for the presence of Sarcocystis spp. 

DNA was extracted directly from the fecal sample using the kit according to the manufacturer's 

instructions without modification. 

 

4.5.1.2. Oral/oropharyngeal/conjunctival swab samples  

Oral swabs of domestic cats and wildcats, oropharyngeal swabs of columbiform birds and 

conjunctival swabs of dogs and cats were examined for the presence of trichomonads and 

Acanthamoeba spp., respectively. DNA from all samples were extracted with the QIAamp DNA 

Mini Kit (Qiagen, Hilden Germany) according to the manufacturer’s blood protocol, with slight 

modifications. When DNA extraction was performed from 200 µl of culture medium in 

duplicates, after adding 200 µl AL buffer the process was continued with the blood DNA 

extraction protocol. On the other hand, thawed swabs were overlaid with 200 µl AL buffer and 

200 µl sterile PBS, incubated for 10 min at 56 ºC prior to removal of cotton swab from the fluid, 

followed by adding proteinase-K and continuing the procedure according to the tissue protocol. 

In each group of 23 samples an extraction control (180 µl tissue lysis buffer) was included to 

monitor cross-contamination. All DNA extracts were stored at -20 ºC until molecular analysis 

by conventional PCRs. 
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4.5.1.3. Tissue samples  

4.5.1.3.1. Examining intestinal tissue samples for the presence of trichomonads in a 
domestic cat and wildcats 

The DNA from all intestinal tissue samples were extracted with the QIAamp DNA Mini Kit 

(Qiagen, Hilden Germany) according to the manufacturer’s tissue protocol. Furthermore, all 

DNA extracts were stored at -20 ºC until molecular analysis by conventional PCRs. 

 

4.5.1.3.2. Examining spleen tissue samples of felines for the presence of piroplasms 
and Hepatozoon sp. 

The DNA was extracted individually from approximately 10 mg of spleen using the QIAamp 

DNA Mini Kit (Qiagen, Hilden, Germany) according to the manufacturer’s tissue protocol. Prior 

to all DNA extracts were screened for piroplasms and Hepatozoon spp., they were stored at -

20 ºC until molecular analysis by conventional PCRs. 

 

4.5.1.4. Blood samples 

4.5.1.4.1. Screening for the presence of piroplasms and Hepatozoon spp. in domestic 
cats 

The DNA was extracted individually from 200 µl of collected blood using the QIAamp DNA Mini 

Kit (Qiagen, Hilden, Germany) according to the manufacturer’s blood protocol. All DNA extracts 

were stored at -20 ºC until molecular analysis by conventional PCRs. 

 

4.5.1.4.2. Screening for piroplasms and canine hemoplasmas in fighting dogs  

DNA was extracted from 200 µl blood samples of 79 dogs using the blood protocol of 

NucleoSpin® Tissue Kit (Macherey-Nagel GmbH & Co. KG, Düren, Germany) following the 

manufacturer’s instructions. All DNA extracts were screened for piroplasms and canine 

hemoplasmas, but for molecular characterization of B. gibsoni, 10–11 samples were selected 

to represent dogs with mono- and co-infections, including all anemic dogs for which blood 

sample was available. All DNA extracts were stored at -20 ºC until molecular analysis by 

conventional PCRs. 

 

4.5.2. PCR 

4.5.2.1. Nested PCR for verifying the presence of Giardia spp. 

All samples from beavers, and Giardia-positive samples from other species were investigated 

for the following three genetic markers: glutamate dehydrogenase (gdh), beta-giardin (bg) and 

triosephosphate isomerase (tpi) genes. The nPCRs were performed as reported [196, 197], 

using 1 µl of template DNA from the first-round PCR. In all cases, the amplification was done 

in a T100 Thermal Cycler (Bio-Rad, California, US) in a final volume of 25 µl using 2× Red 

PCR Master mix (Rovalab, Teltow, Germany) and 10 µM of each primer (GeneriBiotech, 
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Hradec Králové, Czech Republic). The amplification conditions, target genes and primers are 

shown in Table 3 [196, 197]. Positive and negative controls were included in each PCR reaction 

set. For the visualization of PCR products, 1.5% of agarose gel electrophoresis was prepared 

and stained with SYBR Safe DNA gel stain (Invitrogen, California, USA).  

 

4.5.2.2. Conventional PCR for screening T. gallinae among columbiform birds 

All DNA extracts and extraction controls were analyzed with three conventional PCRs: first with 

a screening assay amplifying a short, approx. 500-bp-long fragment of the 18S rRNA gene to 

detect the presence of Trichomonadea, followed by a primary and a secondary assay for 

sequencing approx. 1550-1600 and 1200-bp-long parts of two genetic markers (18S rRNA 

gene and alpha-tubulin genes, respectively). The reasons for selecting these two genetic 

markers were to include a conserved gene (18S rRNA) that is widely used in molecular 

characterization of T. gallinae, and a protein encoding gene (alpha-tubulin) for which 

sequences corresponding to 18S rRNA gene subtypes are available from North America [134] 

but not from Europe. The suitability of the screening assay was checked by sequencing PCR 

products of 13 samples which verified the presence of T. gallinae in all cases. PCR reaction 

components are described in Supplementary Table 2, while primers and cycling conditions of 

PCRs are summarized in Table 3 [134, 198–200].  

 

4.5.2.3. Conventional PCR for testing trichomonads in dogs and cats 

All samples were screened for the short fragment of 18S rRNA gene, then only the positive 

samples were examined further with PCRs for the long fragment of 18S rRNA gene and ITS2. 

Further details of the PCRs are summarized in Table 3 and Supplementary Table 2 [198, 199, 

201].  

 

4.5.2.4. Conventional PCRs for screening parabasalids and acanthamoebae in 
captive reptiles and the latter in dogs and cats 

The details of primers and PCRs targeting trichomonads and Acanthamoeba spp. are 

summarized in Table 3 and Supplementary Table 2 [134, 198–200, 202].  

 

4.5.2.5. Conventional PCR to identify protozoa found in the feces of dogs and 
cats fed with raw meat 

DNA extracts were molecularly analyzed by conventional PCRs for Neospora caninum, 

Toxoplasma gondii, Cystoisospora spp., piroplasms and Sarcocystis spp. PCR components 

and cycling conditions are summarized in Table 3 and Supplementary Table 2 [203–211].  
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4.5.2.6. Conventional PCR for proving the presence of Sarcocystis spp. in dogs’ 
feces 

DNA extracts were molecularly analyzed with a conventional PCR modified from Casati et al. 

[209], amplifying an approx. 500-bp-long part of the 18S rDNA with the primers BJ1 and BN2, 

as it is shown in Table 3. This method is also suitable to detect Babesia DNA in fecal material 

[211], as well as to verify the presence of other apicomplexan genera including Sarcocystis, as 

reported [182]. The protocol of the PCR conducted is detailed in Supplementary Table 2.  

 

4.5.2.7. Conventional PCR for testing Hepatozoon and Cytauxzoon spp. in 
domestic cats 

The primers and cycling conditions of PCR analyses are summarized in Table 3 [212–214]. In 

the conventional PCR used to detect piroplasms (including Cytauxzoon spp.) 5 µL of extracted 

DNA was added to 20 µL of reaction mixture, while in the PCR amplifying a fragment of the 

18S rRNA gene of Hepatozoon spp. the volume of reaction mixture was increased, since the 

protocol was modified by using 0.2 µL of each primer, 1 µL extra MgCl2 and 17.9 µL PCR 

grade water. All details are found in Supplementary Table 2.  

 

4.5.2.8. Conventional PCR for screening piroplasms in fighting dogs 

The components, primers and cycling conditions of the PCRs targeting 18S rRNA, cox1 and 

cytb genes of Babesia spp. are detailed in Table 3 and Supplementary Table 2 [37, 209, 215, 

216].  

 

In all PCRs sequence-verified positive controls were included, e.g.: in the investigation of T. 

gallinae: Trichomonas vaginalis DNA served as a control, while in the 18S rRNS PCR of 

piroplasms: B. vogeli DNA; in the cox1 and cytb PCRs: B. gibsoni DNA. In addition, non-

template reaction mixture was also provided as negative control. As a last step, all PCR 

products mentioned in 4.5.2.2.- 4.5.2.8. were electrophoresed in 1.5% agarose gel (100V, 55-

60 min), stained with ethidium-bromide and visualized under UV light. 

 

4.5.2.9. Real-time PCR to detect canine hemoplasmas 

DNA samples were screened for canine hemoplasmas via two species-specific TaqMan real-

time qPCRs, which detect part of the 16S rRNA gene of either Mycoplasma haemocanis or 

“Ca. Mycoplasma haematoparvum” [217]. In these assays, plasmid DNA containing the cloned 

16S rRNA gene of M. haemocanis or “Ca. M. haematoparvum” were used as positive controls. 
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Table 3: Primers and details for conventional PCR methods used in this study. 

Target group 
Target 

gene 
Primer name Primer sequence (5'-3') 

Amplicon 

length 

(bp) 

Thermocycling profile Reference 

Giardia spp. 

bg  

(nested 

PCR) 

G7 

G759 

AAG CCC GAC GAC CTC ACC CGC AGT GC 

GAG GCC GCC CTG GAT CTT CGA GAC GAC 
753 

95 °C for 5 min; 40× (95 

°C for 45 s, 50 °C for 30 

s, 72 °C for 60 s); 72 °C 

for 7 min 

[197] 

B-F 

B-R 

GAA CGA ACG AGA TCG AGG TCC G 

CTC GAC GAG CTT CGT GTT 
511 

95 °C for 5 min; 35× (95 

°C for 45 s, 55 °C for 30 

s, 72 °C for 45 s); 72 °C 

for 7 min 

gdh  

(nested 

PCR) 

GDHeF 

GDHeR 

TCA ACG TYA AYC GYG GYT TCC GT 

GTT RTC CTT GCA CAT CTC C 
n.s. 

95 °C for 5 min; 40× (95 
°C for 45 s, 50 °C for 30 
s, 72 °C for 60 s); 72 °C 
for 7 min 

GDHiF 

GDHiR 

CAG TAC AAC TCY GCT CTC GG 

GTT RTC CTT GCA CAT CTC C 
432 

95 °C for 5 min; 40× (95 
°C for 45 s, 60 °C for 30 
s, 72 °C for 45 s); 72 °C 
for 7 min 

tpi 
ALA3542 

ALA3542 

AAA TIA TGC CTG CTC GTC G 

CAA ACC TTI TCC GCA AAC C 
605 

95 °C for 5 min; 40× (95 
°C for 45 s, 50 °C for 30 
s, 72 °C for 60 s); 72 °C 
for 7 min 

[196] 

Trichomonadida 
screening assay for 

short fragments 

18S 

rRNA 

1055F 

16SR1 

GGT GGT GCA TGG CCG 

TCA CCT ACC GTT ACC TTG 
500 

95 °C for 5 min; 40× (95 

°C for 45 s; 50 °C for 45 

s; 72 °C for 1,5 min); 72 

°C for 10 min 

[198] 

Trichomonadida 
seminested PCR 

assay for long 
fragments 

18S 

rRNA 

 

16SL  

16SR1  

TAC TTG GTT GAT CCT GCC 

TCA CCT ACC GTT ACC TTG 
1550 

95 °C for 5 min; 45× (95 

°C for 45 s; 48 °C for 45 

s; 72 °C for 1,5 min); 72 

°C for 10 min 

[199] 
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(nested 

PCR) 

 

16SL  

1385R  

TAC TTG GTT GAT CCT GCC 

GAT CCT AAC ATT GTA GC 
1450 

95 °C for 5 min; 45× (95 

°C for 45 s; 42 °C for 45 

s; 72 °C for 1,5 min); 72 

°C for 10 min 

Trichomonadida 
nested PCR assay 
for long fragments  

alpha-

tubulin  

(nested 

PCR) 

AtubA 

AtubB 

RGT NGG NAA YGC NTG YTG GGA 

CCA TNC CYT CNC CNA CRT ACC A 
1200 

95 °C for 5 min; 40× (95 

°C for 45 s; 55 °C for 45 

s; 72 °C for 1,5 min); 72 

°C for 7 min; 
[134, 200] 

AtubF1  

AtubR1 

TAY TGY YWN GAR CAY GGN AT 

ACR AAN GCN CGY TTN GMR WAC AT 
1200 

95 °C for 5 min; 40× (95 

°C for 45 s; 45 °C for 45 

s; 72 °C for 1,5 min); 72 

°C for 7 min 

Trichomonadida ITS2 
TFR1 

TFR2 

TGC TTC AGT TCA GCG GGT CTT CC 

CGG TAG GTG AAC CTG CCG TTG G 
330-380 

95 °C for 5 min; 40× (95 

°C for 30 s; 65 °C for 30 

s; 72 °C for 50 s); 72 °C 

for 5 min 

[201] 

Acanthamoeba 
18S 

rRNA 

JDP1 

JDP2 

GGC CCA GAT CGT TTA CCG TGA A 

TCT CAC AAG CTG CTA GGG GAG TCA 
480 

95 °C for 5 min; 35× (95 

°C for 35 s; 56 °C for 45 

s; 72 °C for 1 min); 72 °C 

for 7 min 

[202] 

Neospora - 
Toxoplasma - 
Cystoisospora 

spp. 

COI 
Toxo_COI_For 

   Toxo_COI_Rev 

GGA GGA GGT GTA GGT TGG AC 

CAT TTT GTA TTA TCT CTG GG 
700 

95 °C for 5 min; 40× (95 

°C for 40 s; 55 °C for 30 

s; 72 °C for 1,5 min); 72 

°C for 10 min 

[203] 

Neospora sp. NC5 
Np7 

 
Np10 

GGG TGA ACC GAG GGA GTT G 
 
TCG TCC GCT TGC TCC CTA TGA AT 

200 

95 °C for 5 min; 40× (95 

°C for 40 s; 55 °C for 30 

s; 72 °C for 1,5 min); 72 

°C for 10 min 

[204, 205] 
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Toxoplasma sp. 

 
repeat 
region 

 

TOX-8 (fw) 
 

 TOX5 (rev) 

CCC AGC TGC GTC TGT CGG GAT 
 
CGC TGC AGA CAC AGT GCA TCT GGA TT 

480 

95 °C for 5 min; 35× (95 

°C for 40 s; 60 °C for 1 

min; 72 °C for 1 min); 72 

°C for 10 min 

[206–208] 

 

Piroplasms 

Sarcocystis spp. 

 
18S 

rRNA 
 

BJ1 
 

BN2 

GTC TTG TAA TTG GAA TGA TGG 
 
TAG TTT ATG GTT AGG ACT ACG 

500 

95 °C for 10 min; 40× (95 

°C for 30 s; 54 °C for 30 

s; 72 °C for 40 s); 72 °C 

for 5 min 

[209] 

Hepatozoon spp. 18S 
rRNA 

HepF 

HepR 

ATA CAT GAG CAA AAT CTC AAC  

CTT ATT ATT CCA TGC TGC AG 
650 

95 °C for 5 min; 35× (95 

°C for 40 s; 57 °C for 40 

s; 72 °C for 60 s); 72 °C 

for 7 min 

[212] 

Cytauxzoon spp. cytb 

 

Cytaux_cytb_Finn 

Cytaux_cytb_Rinn 

 

ACC TAC TAA ACC TTA TTC AAG CRT T 

AGA CTC TTA GAT GYA AAC TTC CC 
1333 

95 °C for 5 min; 45× (95 

°C for 20 s; 55 °C for 30 

s; 68 °C for 1,5 min); 68 

°C for 7 min 

[213, 214] 

Babesia gibsoni cox1 
BgCOX1F 

MHR1 

ATG CTT CAG AGT TAT AAT TCA G 

GCT GAT ACA ATA TAG GAT CTC C 
700 

95 °C for 5 min; 35× (95 

°C for 40 s; 49 °C for 40 

s; 72 °C for 90 s); 72 °C 

for 5 min 

[215, 216] 

Babesia gibsoni cytb 
427F 

CYTbR1 

GCA TTC TTA GGT TAT GTT TTA CCA A 

ATA TGC AAA CTT CCC GGC TA 
800 

95 °C for 5 min; 35× (95 

°C for 40 s; 53 °C for 40 

s; 72 °C for 90 s); 72 °C 

for 7 min 

[37, 216] 
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4.5.3. Sequencing 

 
The sequencing in this study was conducted at two companies: 
 

4.5.3.1. Macrogen Europe (Amsterdam, Netherlands) 

PCR products of Giardia-positive samples were purified by using QIAquick PCR purification 

kit (Qiagen, Hilden, Germany) and were further sequenced at Macrogen Europe (Amsterdam, 

Netherlands). Nucleotide sequences were analyzed using Basic Local Alignment Search Tool 

(BLAST) and aligned with homologous sequences available in GenBank. New sequences 

were submitted to GenBank (Table 4). 

 

4.5.3.2. Biomi Ltd. (Gödöllő, Hungary) 

Purification of selected positive PCR products and sequencing were done by Eurofins Biomi 

Ltd. (Gödöllő, Hungary). Quality control and trimming of sequences were performed with the 

BioEdit program (Informer Technologies, Inc.). Obtained sequences were compared to 

GenBank sequences by the BLASTN program (https://blast.ncbi.nlm.nih.gov). The sequences 

obtained were submitted to GenBank under accession numbers shown in Table 4.  

 

Table 4: Accession numbers of the positive samples in GenBank 

Species name Host Accession numbers 

Giardia duodenalis reptile 

PP481180-PP481181 (bg gene) 

PP501010 (gdh gene) 

PP501011 (tpi gene) 

Trichomonas gallinae pigeon 
ON631556-ON631566 (18S rRNA gene, long fragment) 

ON808545-ON808550 (alpha-tubulin gene) 

Tritrichomonas foetus cat, dog 
PP227421-PP227425 (18S rRNA gene) 

PP239334-PP239337 (ITS2) 

Monocercomonas sp. reptile OM455397 

Acanthamoeba spp. reptile OM455398-OM455403 

Sarcocystis morae dog MW579603 

Hepatozoon felis 
cat OQ102981 (18S rRNA gene) 

wildcat OQ445870-OQ445872 (18S rRNA gene) 

Cytauxzoon europaeus wildcat 

OQ445869 (18S rRNA gene) 

OQ455050 (cytb gene) 

Babesia gibsoni dog 

MW805762 (18S rRNA gene) 

MW816918 (cox1 gene) 

MW816919-MW816920 (cytb gene) 

Babesia vulpes dog MW805763 (18S rRNA gene) 

 

https://blast.ncbi.nlm.nih.gov/
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4.5.4. Alignments and phylogenetic analyses 

4.5.4.1. Comparison with GenBank data 

New sequences obtained during our studies were compared to GenBank data by using the 

nucleotide BLASTn program (https://blast.ncbi.nlm.nih.gov).  

 

4.5.4.2. Phylogenetic analyses  

All sequences retrieved from GenBank and included in the phylogenetic analysis had 97-100% 

coverage with sequences from this study and were trimmed to the same length. The dataset 

was resampled 1,000 times to generate bootstrap values. Phylogenetic analysis was 

conducted by using the Maximum Likelihood method and the Jukes-Cantor model according 

to the best-fit selection with the program MEGA 7.0 [218]. However, some of the phylogenetic 

trees of Trichomonadea based on the 18S rRNA gene, were made with the Neighbor-Joining 

method and p-distance model (Figure 8, 9), and that for bg gene sequences of Giardia spp. 

with the Maximum Likelihood method and General Time Reversible (GTR) model using MEGA 

11.0 [219]. The percentage of trees in which the associated taxa clustered together are shown 

next to the branches. The trees were drawn to scale, with branch lengths measured in the 

number of substitutions per site. All positions containing gaps and missing data were 

eliminated. Evolutionary analyses were also conducted in MEGA7. In course of the 

assessment of trichomonads of dogs and cats, the sequences in the phylogenetic analysis of 

the 18S rRNA gene (n=36) represented six orders of Trichomonadea. However, the availability 

of sequences in GenBank covering the same length of ITS2 as amplified in this study, limited 

the number of sequences to 19 that could be used in the relevant phylogenetic analysis. The 

sequence datasets were resampled 1,000 times to generate bootstrap values. 

 

4.5.4.3. Assessing the genetic diversity of selected protozoa 

The slowly evolving, 18S rRNA gene was chosen for assessing the genetic diversity of 

protozoan species focusing on those discovered during our studies in Hungary, because it is 

conservative enough to allow simultaneous comparison of phylogenetically distant species. 

Longer (>1200 bp) sequences of the 18S rRNA gene were retrieved from GenBank to the 

extent they were available, for each of the above eight protozoan parasite species. Sequences 

were compared with BlastN program (https://blast.ncbi.nlm.nih.gov) to obtain the maximum 

pairwise (p) distance within each species. The length of alignment used for phylogenetic 

analyses was 1360 bp for apicomplexan, and 1706 bp for non-apicomplexan protozoa. All 

positions containing gaps and missing data were eliminated. The evolutionary history was 
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inferred using the Neighbor-Joining method and p-distance model. This sequence dataset was 

resampled 1,000 times to generate bootstrap values. The trees were drawn to scale, with 

branch lengths measured in the number of substitutions per site. Evolutionary analyses were 

conducted in MEGA11 [200]. 

 

4.5.5. Statistical analysis 

In the investigations we had sufficient data, a standard descriptive statistical analysis was used 

to review the acquired data such as prevalence (the result of which can be read in subsections 

5.1.- 5.4.; 5.8.; 5.9.), mean and median ages (5.3.; 5.9.). Comparisons between different 

factors (sex, age, breed, symptom) (5.2.; 5.3.; 5.9.) were performed with the Fisher Exact Test 

(https://www.langsrud.com/fisher.htm). In some cases (5.3.; 5.9.) 95% confidence intervals (CI) 

were also calculated. During the investigation of fighting dogs (5.9.) normality was evaluated 

using Kolmogorov-Smirnov test, and mean values were compared with Studentʼs t-test. 

Differences were regarded significant at P < 0.05.  

  

https://www.langsrud.com/fisher.htm
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5. Results  

 
The results of each topic are described in the following subsections (5.1.-5.10.). 

 

5.1. Giardia-infection in rodents and rabbits 

The parasitological screening revealed the presence of cysts in 58.3% (7 of 12) asymptomatic 

Norway rats, as well as in 27.6% (21 of 76) of chinchillas, including two with diarrhea. Two 

degus were also Giardia-infected (prevalence: 16.7%), one showing diarrhea (Figure 3; Table 

5). The flotation revealed only low number of cysts in the great majority of rodents with positive 

results, only one rat having relatively high numbers. On the other hand, no Giardia cysts were 

found in any samples of guinea pigs or domestic rabbits of this study (Table 5). 

 

 

Figure 3: Giardia duodenalis cysts in fecal sample of a degu examined with flotation. 

 

 PCRs targeting three genetic markers yielded sufficient amount of PCR product for 

DNA sequencing, only in case of a few cyst-shedding rodents (Table 5). Based on the bg gene, 

assemblage B (NCBI acc. No. PP481180) was identified in one, and assemblage G 

(PP481181) in two rats (Table 5). This assignment was confirmed by their phylogenetic 

clustering (Figure 4). On the other hand, part of the gdh gene of assemblage E (PP501010) 

was successfully amplified from the content of a beaver’s small intestine. This genotype was 

100% (274/274 bp) identical only to G. duodenalis assemblage E (isolate 6L) reported form 

sheep in Spain (JF792403). In addition, the tpi gene sequence of G. duodenalis assemblage 

B (PP501011) was detected in one chinchilla. This had 100% (457/457 bp) identity with isolate 

IRU20 reported from a human being in Iran (MH310971). 
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Table 5. Host species and results of parasitological and molecular evaluation of their samples. 

Host species 

Total 

number 

evaluated 

(n=164 in 

total) 

Number of 

Giardia-

positive 

samples 

based on 

flotation (%) 

Results of molecular analyses 

Number of 

PCR-positives 

(gene) 

Assemblage if 

successfully 

sequenced 

(accession 

number) 

rat 

 (Rattus 

norvegicus) 

12 7 (58.3%) 3 (25.0%) (bg) 
B (PP481180), 

2G (PP481181) 

chinchilla 

 (Chinchilla 

lanigera) 

76 21 (27.6%) 1 (1.3%) (tpi) B (PP501011) 

guinea pig  

(Cavia 

porcellus) 

10 0 ND - 

degu  

(Octodon 

degus) 

12 2 (16.7%) 0 - 

beaver  

(Castor fiber) 
27 ND 1 (3.7%) (gdh) E (PP501010) 

rabbit  

(Oryctolagus 

cuniculus var. 

domestica) 

27 0 ND - 

Abbreviations: ND – not done; tpi - triosephosphate isomerase; bg - beta-giardin; gdh - NADP-glutamate 
dehydrogenase 
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Figure 4: Phylogenetic tree of Giardia duodenalis sequences based on the beta-giardin (bg) gene, made with the 

Maximum Likelihood method and the General Time Reversible (GTR) model. In each row, after the species or 

genus name, the generic name of the isolation source and the GenBank accession number are shown. 

Sequences obtained in this study are in red and bold accession numbers. Mouse silhouette placed on the main 

branch of an assemblage indicates that it was reported to occur in rodents. There were a total of 413 positions in 

the final dataset. The scale-bar indicates the number of substitutions per site. 

 
 

5.2. Avian Trichomonas species in Columbiformes 

According to the preliminary comparison on the efficacy of molecular detection of T. gallinae, 

19 out of 20 swab samples but only 18 out of 20 culture medium samples were PCR positive 

(i.e., one pigeon was positive only by its culture medium sample vs two pigeons diagnosed as 

infected only from their swab samples). Therefore, swab samples were used in the remaining 

part of the study. 
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 Trichomonas gallinae was detected in all four studied bird species, with an overall 

prevalence of 73% (72 out of 99) (Table 6). Based on the screening assay, racing feral pigeons 

had a significantly (P < 0.0001) higher prevalence of T. gallinae infection (95%: 40 of 42) than 

urban feral pigeons (34%: 11 of 32). Among other columbiform bird species, the rate of PCR-

positivity was the highest, 100% among wood pigeons (4 out of 4), followed in decreasing order 

by ring doves (94%: 15 out of 16) and collared doves (33%: 1 out of 3) (Table 6) These results 

also imply that the association of T. gallinae infection with artificially bred, captive columbiform 

birds (racing feral pigeons and ring doves) was highly significant (P < 0.0001) in comparison 

with free-living columbiform birds (urban and rural feral pigeons, wood pigeons and collared 

doves) (55/58 vs 17/41, respectively). 

 Based on the long fragment of the 18S rRNA gene, six Trichomonas subtypes were 

detected in 37 columbiform birds (Table 6). Compared to a reference sequence from North 

America (GenBank: EU215373), these had four to eight nucleotide differences (Table 7), i.e., 

99.5-99.7% (1471-1475/1479 bp) identity. In a smaller geographical context, the 18S rRNA 

gene sequences obtained in this study from central and southeastern Europe had higher, up 

to 11 nucleotide differences with conspecific sequences from western and southwestern 

Europe: only 99.3-99.7% (1468-1474/1479 bp) sequence identity with T. gallinae from 

passeriform birds sampled in 2019 in France (e.g., MK172846), whereas 99.5-100% 

(1443/1450-1449/1449 bp) sequence identity with samples collected from columbiform birds 

in 2019 in Portugal (e.g., MK932772). 

 Only two genetic variants were detected among urban feral pigeons (subtypes B, D in 

Hungary; A, D in Romania), while four subtypes (B, C, D and the most divergent Hu-TG37) 

occurred in racing feral pigeons kept in one trading-breeding place (Table 6). Among racing 

feral pigeons, 18S rRNA gene subtype D was only found in birds that originated from Germany, 

while in Hungary subtypes A and E were exclusively found in wood pigeons and ring doves, 

respectively (Table 6). In the latter species, the occurrence of 18S rRNA gene subtypes was 

related to the origin (breeding place) of captive birds: subtype E was detected in two ring doves 

of one sampling locality, whereas subtype B in four birds at the other sampling locality. Clinical 

signs (lesions in the oropharyngeal cavity or the eyes, conjunctiva) were only associated with 

subtype D (Figure 7). 
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Table 6. Results of molecular analyses for the 18S rRNA gene of Trichomonadea according to sample 
types of columbiform birds. 

Species or type 

of sample 

source 

Country of 

origin 

Prevalence** 

(positive/all) 

Long 18S rRNA 

genotype (n) 

GenBank accession 

number 

Racing pigeon 

(Columba livia 

domestica) 

Hungary 97% (29/30) 

B (16), C (3),  

Trichomonas 

sp. Hu-TG37 (1) 

ON631556, ON631557, 

ON631566 

Germany* 89% (8/9) D (3) ON631558 

Denmark* 100% (2/2) B (1) ON631556 

Belgium* - (1/1) B (1) ON631556 

Urban pigeon 

(Columba livia 

domestica) 

Hungary 40% (4/10) B (1), D (1) ON631559, ON631560 

Romania 32% (7/22) A (1), D (2) ON631561, ON631562 

Feral pigeon 

(Columba livia 

domestica) 

Hungary 50% (1/2) - -- 

Common wood 

pigeon (Columba 

palumbus) 

Hungary 100% (14/14) A (1), B (4) ON631563, ON631564 

Ring dove 

(Streptopelia 

risoria) 

Hungary 83% (5/6) E (2) ON631565 

Eurasian 

collared dove 

(Streptopelia 

decaocto) 

Hungary 33% (1/3) - - 

*kept separately after arrival, but contact with Hungarian birds cannot be excluded 
**based on the short 18S rRNA gene screening PCR 
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Table 7. Site-specific variations among 18S rRNA gene subtypes of Trichomonas gallinae and 

Trichomonas sp. Hu-TG37 compared to positions in EU215373 used as a reference sequence 

(identical with genotype A). Nucleotides that are identical to the reference are indicated with "-". Note 

that only the last three positions shown in this table are covered by the screening (short 16S rRNA 

gene) PCR, i.e., genotyping was possible from 37 of 72 Trichomonas-positive specimens yielding 

sequenceable product in the long 18S rRNA PCR. 

18S 

rRNA 

genotype 

Position (in which the nucleotide is indicated below) 

33 215 384 386 408 418 590 592 648 825 837 850 1120 1143 1281 

A A T T A G C C A C A G T A A C 

B - - - T - - - - - - A - C G - 

C - - - T - - - - - G A C C G - 

D - - A T - - T T T - - - C G - 

E - - - T - - - - T G A C C G - 

Hu-TG37 T A - T A T - - - - - - T T T 

 

 

Amplification and sequencing of part of the alpha-tubulin gene were successful from at 

least one sample representing each 18S subtype. Alpha-tubulin gene sequences obtained in 

this study had a lower (98.5-98.6%: 1008-1009/1023 bp) or a higher level (99.6-99.7%: 1019-

1020/1023 bp) of sequence identity to that of an isolate (EU215382) used as a reference. 

Based on the corresponding amino acid sequences, most mutations in this protein encoding 

gene were synonymous, but subtypes E and D had a single amino acid difference compared 

to the reference isolate (valine instead of alanine at position 149, and isoleucine instead of 

valine at position 34, respectively). 

 Considering the results of phylogenetic analyses, the topology of the 18S rRNA 

phylogenetic tree (Figure 5) did not show clear clustering of T. gallinae subtypes obtained in 

this study according to host species, living place (or keeping modes) of columbiform birds. 

However, subtype A (identified both in Hungary and Romania) formed a sister group to all other 

18S rRNA gene subtypes (B, C, D, E): although with only moderate (65%) support (Figure 5) 

but confirmed by the alpha-tubulin phylogenetic tree (Figure 6). More importantly, Trichomonas 

sp. Hu-TG37 (detected in a racing feral pigeon in south Hungary) belonged to the phylogenetic 

group of T. canistomae and T. tenax with moderate (61%) support, implying, that this is a 

separate species (in other words: if this isolate would belong to T. gallinae, this species would 

not be monophyletic). The separation of Trichomonas sp. Hu-TG37 from T. gallinae was also 

confirmed by the alpha-tubulin phylogenetic tree (Figure 6). 
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Figure 5. Phylogenetic tree of Trichomonadea based on the 18S rRNA gene, made with the Maximum Likelihood 

method and the Jukes-Cantor model. In each row, after the species or genus name, the isolation source, for 

Trichomonas gallinae the country of origin and the GenBank accession number are shown. Sequences obtained 

in this study and representing each subtype are in red and bold accession numbers. The analysis involved 44 

nucleotide sequences and 1000 bootstrap replications. There were a total of 1121 positions in the final dataset. 

The scale-bar indicates the number of substitutions per site. 
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Figure 6. Phylogenetic tree of Trichomonadea based on the alpha-tubulin gene, made with the Maximum 

Likelihood method and the Jukes-Cantor model. In each row, after the species or genus name, the isolation 

source, for species closely related to Trichomonas gallinae, the country of origin and the GenBank accession 

number are shown. Sequences obtained in this study and representing each subtype are in red and bold 

accession numbers. The analysis involved 20 nucleotide sequences and 1000 bootstrap replications. There were 

a total of 977 positions in the final dataset. The scale-bar indicates the number of substitutions per site. 

 

 

 

Figure 7. Small necrotic-inflammatory foci on the palate of a racing pigeon. 
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5.3. Trichomonads infecting cats and dogs in Hungary 

5.3.1. Molecular identification and phylogenetic analyses of trichomonads 

Altogether 123 animals were PCR-tested, among which 20 were positive for trichomonads 

(Table 8). No significant difference was found between the rate of PCR-positivity according to 

sampling methods. Thirteen (13.8%) of domestic cats were positive for T. foetus and two 

(2.1%) for P. hominis. In addition, one feline sample (1.1%) contained the DNA of a different 

Tritrichomonas species which in the sequenced, 337-bp-long part of its 18S rRNA gene 

(PP227424) was genetically most closely related to Tritrichomonas casperi (ON927245) 

isolated from mouse (Mus musculus), showing 96.44% identity to the latter. Regarding dogs, 

4 out of 25 (16%) proved to be T. foetus positive. Wild cats did not harbor any trichomonads.  

All six feline isolates of T. foetus, from which a longer part of the 18S rRNA gene was 

successfully amplified, had 100% sequence identity to each other (PP227421), and to 

sequences of T. foetus deposited in GenBank from cat (AF466749), cattle (AY055799) as well 

as to that of T. suis from pig (MK801504). The same can be said for the 17 T. foetus positive 

samples (PP227422, PP227423), in which the short part of 18S rRNA was examined. Based 

on the examination of ITS2, the sequence of T. foetus from this study (PP239334), 100% 

sequence identity was shown to T. foetus sequences of cats from China (OP866181 and 

OP856640, respectively) and the USA (AF466749).  

Considering the short 18S rRNA sequence of the two P. hominis positive cat samples 

(PP227425) it showed 100% identity to a P. hominis isolate from a cat (KC594038) and 99.3% 

identity to P. hominis from a dog (AY758392). The longer part of the 18S rRNA gene could not 

be amplified from these samples. Regarding the corresponding ITS2 sequence (PP239337), 

it was 99,7% identical to P. hominis of a cat from Czechia (KC594038) and of a dog from the 

USA (AY758392). In addition, the ITS2 also showed 99.7% sequence identity to P. hominis of 

a human sample from Thailand (AF156964). All data are summarized in Table 8.  
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Table 8. PCR results based on targeted genes with related GenBank accession numbers 

 

 

PCR positive and 

sequenced 

GenBank accession numbers 

18S 

rRNA 

gene: 

short 

18S 

rRNA 

gene: 

long 

ITS 18S rRNA 

gene: short 

18S rRNA 

gene: long 

ITS 

Tritrichomonas 

foetus 

17 6 17 PP227422, 

PP227423 

PP227421 PP239334, 

PP239335 

Pentatrichomonas 

hominis 

2 0 2 PP227425 0 PP239337 

Tritrichomonas 

sp. 

1 0 1 PP227424 0 PP239336 

 

 

Based on results of the short 18S rRNA gene and ITS2 phylogenetic analyses, all T. 

foetus sequences from cats and cattle clustered together, including those from this study 

(PP227422 and PP239334, respectively), with moderate to high support (Figure 8, Figure 9). 

Similarly, based on both genetic markers, P. hominis sequences from this study (PP227425 

and PP239337, respectively) belonged to the phylogenetic group of P. hominis isolates from 

cats, dogs and human with high (100%) support (Figure 8, Figure 9). In line with the molecular 

comparisons described above, phylogenetic analyses of the 18S rRNA gene and ITS2 

sequences of the novel Tritrichomonas genotype obtained from a cat in northeastern Hungary 

(PP227424: 337 bp long, and PP239336: 342 bp long, respectively) showed that it is a sister 

species of T. casperi from mice (Mus musculus) (Figure 8, Figure 9). 
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Figure 8: Phylogenetic tree of Trichomonadea based on the 18S rRNA gene, made with the Neighbor-Joining 

method and p-distance model. In each row, after the species or genus name, the isolation source of trichomonads 

and the GenBank accession number are shown. Sequences obtained in this study are in red and bold accession 

numbers. The analysis involved 36 nucleotide sequences. The final length of the alignment was 281 bp. Two 

species of Spirotrichonymphida were used as outgroup. The scale-bar indicates the number of substitutions per 

site. 
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Figure 9: Phylogenetic tree of Trichomonadea based on the ITS gene made with the Neighbor-Joining method 

and p-distance model. In each row, after the species or genus name, the isolation source of trichomonads and the 

GenBank accession number are shown. Sequences obtained in this study are in red and bold accession 

numbers. 

 

 

5.3.2. Geographical distribution of positive samples 

All 13 T. foetus positive domestic cats and four dogs were from the South-Central region of 

Hungary. One of the P. hominis positive cats was from Budapest, and the other was from 

Aggtelek National Park, similar to the Tritrichomonas sp. infected cat (Table 9, Figure 10).  
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Figure 10: Geographical distribution of samples used in this study. The number next to a mark 

indicates the number of animals tested at that location. 

 

5.3.3. Analysis of host data and morbidity 

The sex of 90 cats (95.7% of all) and 21 dogs (84% of all) participating in the study was known. 

Based on their data, the sex ratio was 65.6% (n=59) females and 34.4% (n=31) males among 

cats, and 42.9% (n=9) females and 57.1% (n=12) males among dogs. Age was reported for 

68 (72.3%) of the domestic cats and 22 (88%) of the dogs participating in the investigation. 

The mean age of the cats was 6.47 years (median 6 years), ranging from kittens to 14 years 

of age. The mean age of dogs was 6.3 years (median 6 years). In total, 17% (n= 16) of cats 

and 32% (n= 8) of dogs showed symptoms of gastrointestinal disorder. 

Data of PCR-positive cats and dogs are summarized in Table 9. Among the T. foetus 

positive cats (n=13) there were more females (69.2%) than males (30.8%), while both P. 

hominis positive cats were females. Based on this, there was no significant correlation between 

PCR-positivity and the sex. On the other hand, the rate of PCR positivity was significantly 

(p=0.0011) higher among Ragdoll cats (13 of 41: 31.7%) than among European Shorthair cats 

(2 of 47: 4.3%). The mean age of T. foetus- and P. hominis-infected cats were 15.2 (median 

12), and 6.5 (median 6.5) months, respectively. This implies that significantly (p=0.0273) more 

cats were PCR-positive below 1 year of age (9 of 21: 42.9%), than among older cats (7 of 47: 

14.6%). Among T. foetus positive dogs, the age and sex were provided for only one dog (3-

month-old male). 

Out of 16 PCR positive cats, eight (50%) showed clinical symptoms, mainly diarrhea 

(Table 9). Thus, PCR-positive cats showed gastrointestinal symptoms significantly (p=0.0011) 

more frequently than negative cats (9 of 78: 11.5%). At the same time, all the positive dogs 

showed relevant clinical signs.  



61 
 

 

Table 9: Data of the 20 animals, found positive for Trichomonadidae by PCR.  

Site Animal Breed Age* Sex* Symptoms Sampling 
PCR 

result 

Kunszentmiklós Cat Ragdoll 2 y F No 

feces + 

swab + 

InPouch 

T. foetus 

Kunszentmiklós Cat Ragdoll 1.5 y F No swab T. foetus 

Kunszentmiklós Cat Ragdoll 2 y F No swab T. foetus 

Kunszentmiklós Cat Ragdoll 3 y M No swab T. foetus 

Kunszentmiklós Cat Ragdoll 1.5 y F Diarrhea swab T. foetus 

Kunszentmiklós Cat Ragdoll 4 y F No swab T. foetus 

Kunszentmiklós Cat Ragdoll 1 y M No swab T. foetus 

Kunszentmiklós Cat Ragdoll 2 m F Diarrhea InPouch T. foetus 

Kunszentmiklós Cat Ragdoll 4 m M Diarrhea InPouch T. foetus 

Budapest Cat 
Persian-

Himalayan 
7 m F 

Strong 

diarrhea 

feces + 

swab 

P. 

hominis 

Komjáti Cat 
European 

shorthair 
1y F Unknown swab 

Tritricho

monas 

sp. 

Komjáti Cat 
European 

shorthair 
6m F Unknown swab 

P. 

hominis 

Kecskemét Cat Ragdoll 3 m M Diarrhea swab T. foetus 

Kecskemét Cat Ragdoll 3 m F Diarrhea swab T. foetus 

Kecskemét Cat Ragdoll 3 m F Diarrhea swab T. foetus 

Kecskemét Cat Ragdoll 3 m F Diarrhea swab T. foetus 

Kecskemét Dog 
Maltese 

Dog 
3 m M Diarrhea swab T. foetus 

Kecskemét Dog Unknown 
Unkn

own 

Unkn

own 
Diarrhea swab T. foetus 

Kecskemét Dog Unknown 
Unkn

own 

Unkn

own 
Diarrhea swab T. foetus 

Kecskemét Dog Unknown 
Unkn

own 

Unkn

own 
Diarrhea swab T. foetus 

*Abbreviations: m=month, y=year, M=male, F=female. 
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5.4. Protozoa found in the feces of captive reptiles  

A single sample from a leopard gecko (Eublepharis macularius) was positive in the PCR 

targeting the ribosomal small subunit (SSU) RNA gene or 16S-like rRNA gene of trichomonads. 

Sequencing verified the presence of a not yet reported Monocercomonas genotype/species, 

with only up to 96.1% (1446/1505 bp) identity to the closest match available in GenBank 

(DQ174303) that represented Monocercomonas colubrorum [220] and 94.9-95.9% (1432/1509 

to 1443/1504 bp) identity to further sequences reported from this species and its genus. The 

phylogenetic separation of the new genotype from Monocercomonas sequences retrieved from 

GenBank, including those of M. colubrorum, was highly (100%) supported (Figure 11). 

However, amplification of part of the alpha-tubulin gene was not successful from the 

Monocercomonas-positive sample. 

Fecal samples of six reptile species showed positivity in the PCR targeting SSU rDNA, 

which one is specific for the genus Acanthamoeba, and all detected species/genotypes 

clustered with other Acanthamoeba sequences available in GenBank (Figure 12). In two 

samples, one from a yellow anaconda (Eunectes notaeus) and the other from a Gila monster 

(Heloderma suspectum) or a beaded lizard (Heloderma horridum) kept together, 

Acanthamoeba hatchetti was identified (OM455398 and OM455399, respectively), with 100% 

(408/408 bp) sequence identity to an isolate from compost in Switzerland (KC164235) [221]. 

Based on the phylogenetic examination they clustered with the strains of T11 genotype (Figure 

12). From a bosc monitor (Varanus exanthemicus) the amplified sequence (OM455400) had 

100% (414/414 bp) identity to strains of A. castellanii (accession numbers KX018029, 

KX018030) detected in conjunctival swabs of dogs reported from Turkey [222]. The sequence 

from a frilled dragon (Chlamydosaurus kingii: OM455401) and an alligator snapping turtle 

(Macrochelys temminckii: OM455402) showed 99.75% (406/407 bp) identity with A. 

lugdunensis (KY072781) from a human patient with keratitis in Spain [223]. Furthermore, the 

sample of a green iguana (Iguana iguana; OM455403) was 100% identical (404/404 bp) to 

Acanthamoeba T13 genotype (KF928948) from grassland soil, Italy [89]. In addition, 

phylogenetically it grouped together with the strains of T13 genotype (Figure 12). 
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Figure 11. Phylogenetic tree of Trichomonadea. In each row, after the species or genus name, the isolation 
source and GenBank accession number are shown. Sequences obtained in this study are indicated by red fonts 

and bold accession numbers. The reptile species which had PCR positive sample is shown with its silhouette. The 
evolutionary history was inferred by using the Maximum Likelihood method based on the General Time Reversible 

model [1]. The tree with the highest log likelihood (-8331,32) is shown. The percentage of trees in which the 
associated taxa clustered together is shown next to the branches. Initial tree(s) for the heuristic search were 

obtained automatically by applying Neighbor-Join and BioNJ algorithms to a matrix of pairwise distances 
estimated using the Maximum Composite Likelihood (MCL) approach, and then selecting the topology with 

superior log likelihood value. The tree is drawn to scale, with branch lengths measured in the number of 
substitutions per site. The analysis involved 38 nucleotide sequences. Codon positions included were 1st + 2nd + 

3rd + noncoding. All positions containing gaps and missing data were eliminated. There were a total of 1402 
positions in the final dataset. Evolutionary analyses were conducted in MEGA7.0. 
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Figure 12. Phylogenetic tree of Acanthamoeba spp. In each row, after the species or genus name, the isolation 
source, the country of origin and GenBank accession number are shown. Sequences obtained in this study are 
indicated by red fonts and bold accession numbers. Reptiles which had PCR positive samples are shown with 
their silhouette. The evolutionary history was inferred by using the Maximum Likelihood method based on the 
Jukes-Cantor model. The tree with the highest log likelihood (-8520,58) is shown. The percentage of trees in 

which the associated taxa clustered together is shown next to the branches. Initial tree(s) for the heuristic search 
were obtained automatically by applying Neighbor-Join and BioNJ algorithms to a matrix of pairwise distances 

estimated using the Maximum Composite Likelihood (MCL) approach, and then selecting the topology with 
superior log likelihood value. The tree is drawn to scale, with branch lengths measured in the number of 

substitutions per site. The analysis involved 45 nucleotide sequences. Codon positions included were 1st + 2nd + 
3rd + noncoding. All positions containing gaps and missing data were eliminated. There were a total of 404 

positions in the final dataset. Evolutionary analyses were conducted in MEGA7.0. 
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5.5. Result of the screening of conjunctival swabs of dogs and cats for the 
presence of Acanthamoeba spp. 

All DNA samples extracted from the conjunctival swabs returned negative results from PCR’s 

targeting Acanthamoeba spp. 

 

5.6. Protozoa found in the feces of dogs and cats fed with raw meat 

5.6.1. Parasitological analysis 

In the fecal samples of two dogs, oocysts of Cystoisospora canis (4032 µm) (in BARF8), a 

Cystoisospora ohioensis-like sp. (2516 µm) and Eimeria stiedai (3220 µm) were detected 

(in BARF9) (Figure 13). In addition, in one sample (BARF76) sporocysts of a Sarcocystis sp. 

(137 µm) were seen. 

 

 

Figure 13. Pseudoparasites revealed from the feces of BARF-fed pets: oocysts of Eimeria stiedai 

(larger) and Cystoisospora ohioensis-like sp. Bar = 10 µm. 

 
 

5.6.2. Molecular analysis 

The samples examined for Neospora caninum, Toxoplasma gondii, Cystoisospora spp., 

Babesia spp. and Sarcocystis spp. were negative with molecular diagnostic methods. 

 

5.6.3. Questionnaire-based data 

Data of positive samples and some related information based on the questionnaire are 

summarized in Table 10. The most often fed contents were the meat/viscera of rabbit (66%), 
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then cattle and lamb with 61%, fish and chicken with 57%. In addition, the owners fed their pet 

with duck, turkey, wild animals and horse meat. Interestingly, seafood was given in the smallest 

percentage (1%). We received no usable information on whether any animals ate nerve tissue. 

Altogether 96% of the owners froze the raw meat before consumption, and 49% of them used 

anthelmintic treatment every three months (against ascarid roundworms, hookworms and 

tapeworms). The owners did not notice relevant symptoms during BARF diet. 

 

Table 10. Detailing the results and the diet of the animals with positive samples. 

Sample 
Parasitological 

examination 
(flotation) 

PCR Fed raw food 

Frozen  
(-20ºC) 
before 
feeding 

Regular 
worming 

Species 

BARF8 
+ 

(C. canis) 
 

- 

Raw meat: 
lamb, chicken, 
rabbit, game, 

fish 
Viscera: liver, 
spleen, kidney 

of lamb, 
chicken  

+ + 
Canis lupus 

familiaris 

BARF9 
+ 

(C. ohioensis-like 
sp., E. stiedai) 

- 

Raw meat: 
beef, lamb, 

rabbit, horse, 
duck, game 

Viscera: liver, 
spleen, kidney 
of ruminants 

and rabbit  

+ + 
Canis lupus 

familiaris 

BARF73 
+ 

(Sarcocystis sp.) 
- 

Raw meat: 
beef, chicken 
Viscera: liver 

and brain stem 
of chicken  

- + 
Canis lupus 

familiaris 

 
 
 

5.7. Results of the examination of Sarcocystis sporocysts from dog feces  

In one fecal sample, the DNA of Sarcocystis morae was present, with 100% (491/491 bp) 

identity to GenBank sequences from fallow deer (MN443755), red deer (KY973375) and red 

fox (KT873775), reported from Lithuania, Spain and Germany, respectively. The phylogenetic 

analysis also supported the species identity of this canine isolate, because it clustered within 

the phylogenetic group of S. morae sequences deposited in GenBank from various parts of 

Europe. These formed a sister group to S. grueneri (Figure 14). 

 Following concentration with flotation, the only protozoan parasites seen in the PCR-

positive fecal sample were S. morae sporocysts. These sporocysts were oval in shape and 

measured (12.5–17.5) × (7.5–12.5) µm, with mean values of 14.95 × 9.75 µm (Figure 14, 

insert). This size range considerably overlaps with measurements of sporocysts of Sarcocystis 

cervicanis ([15.1–17.1] × [10.3–11.9] µm: [224], an unidentified Sarcocystis sp. (15.4 × 8.8 µm: 
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[225]) and Sarcocystis gracilis (15 × 10 µm: [226].The sporocysts of these species were all 

reported from dogs after consuming the meat of relevant intermediate hosts, i.e., red deer, 

fallow deer and roe deer, respectively. Thus, Sarcocystis species that have cervids as 

intermediate hosts and canids as final hosts cannot be distinguished according to their 

sporocyst size in dog feces. 

 

 

 

 
 

Figure 14. Phylogenetic tree of species closely related to Sarcocystis morae based on the 18S rRNA gene. The 
tree was generated with the Maximum Likelihood method and the Jukes–Cantor model. The sequence obtained 

in this study is indicated with red color and bold accession number. Branch lengths represent the number of 
substitutions per site inferred according to the scale shown. Insert: three sporocysts of S. morae from dog feces 

(bar = 10 μm) 
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5.8. Hepatozoon felis and Cytauxzoon europaeus in outdoor domestic cats 

Concerning domestic cats in the study, only 1 out of 127 proved to be positive in the PCR 

detecting Hepatozoon spp., and this cat was kept in the region where H. felis is endemic among 

wildcats (Figure 15). The corresponding 18S rRNA sequence (OQ102981) showed 100% 

(596/596 bp) identity with H. felis from Felis silvestris in Hungary (OM422755) and 99.8% 

(622/623 bp) sequence identity to another isolate reported from a leopard in India (OL852083). 

Importantly, the Hepatozoon sequence identified for the first time in a domestic cat of the 

endemic region belonged to genogroup II of H. felis (Figure 16). However, in the blood smear 

of the affected cat, no gamonts were seen in neutrophil granulocytes. None of the domestic 

cats were PCR positive for piroplasms, including Cytauxzoon spp. 

Three of the four wildcats examined in this study tested positive for H. felis, among 

which one had co-infection with C. europaeus (Table 11). In wildcats that had mono-infection 

with H. felis one sequence (OQ445871) showed 100% (593/593 bp) identity to H. felis from F. 

silvestris in Hungary (OM422755), i.e., from genogroup II as the sample from the domestic cat 

(see above). However, two further samples (OQ445870, OQ445872) were 100% (595/595 bp) 

identical to a sequence (OL960187) reported previously from wildcats in Hungary representing 

genogroup I of H. felis. The phylogenetic relationships of these sequences are shown in Figure 

16. 

Furthermore, one H. felis-infected wildcat was PCR-positive for piroplasms. The 18S 

rRNA gene sequence from this cat (OQ445869) showed 100% (452/452 bp) identity with C. 

europaeus from a wildcat in Germany (ON380465). At the same time, the corresponding cytb 

sequence had only 99.6% (1183/1188 bp) identity with C. europaeus from a wildcat also from 

Germany (ON856000), and was also different (only 1187/1188 bp identical) from the single 

conspecific sequence reported previously in Hungary. 

 

 
Figure 15. Map of Hungary showing the sampling sites and positive cases. 
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Figure 16. Phylogenetic tree of Hepatozoon species from carnivores based on 18S rRNA gene sequences. In 

each row, after the species name, the host species, country of origin, and the GenBank accession number are 

shown. New sequences (from this study) are marked with red fonts and maroon accession numbers. The 

evolutionary history was inferred by using the Maximum Likelihood method and the Jukes–Cantor model. The tree 

with the highest log likelihood is shown. The percentage of trees in which the associated taxa clustered together 

is shown next to the branches. The tree is drawn to scale, with branch lengths measured in the number of 

substitutions per site. The analysis involved 28 nucleotide sequences, and there were a total of 581 positions in 

the final dataset. Adelina dimidiata (Apicomplexa: Adeleidae) was used as outgroup. All positions containing gaps 

and missing data were eliminated. 
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Table 11. Data and PCR results of domestic and wild cats from the Aggtelek National Park. 

Sample ID 
Sample 

source 
Sex Location 

PCR result 

Hepatozoon/Cytauxzoon 

WC21 
Felis 

silvestris 
male Bodrogolaszi +/- 

WC22 
Felis 

silvestris 
male Újszentmargita +/- 

WC23 Felis silvestris male Múcsony -/- 

WC24 
Felis 

silvestris 
male Szendrő +/+ 

WC25 Felis catus male Ónod -/- 

AGCAT1 Felis catus male Jósvafő -/- 

AGCAT2 Felis catus female Jósvafő -/- 

AGCAT3 Felis catus male Jósvafő -/- 

AGCAT4 Felis catus male Jósvafő -/- 

AGCAT5 Felis catus female Jósvafő -/- 

AGCAT6 Felis catus male Jósvafő -/- 

AGCAT7 Felis catus female Jósvafő -/- 

AGCAT8 Felis catus female Jósvafő -/- 

AGCAT9 Felis catus male Jósvafő -/- 

AGCAT10 Felis catus female Jósvafő -/- 

AGCAT11 Felis catus male Jósvafő -/- 

AGCAT12 Felis catus male Jósvafő -/- 

AGCAT13 Felis catus male Jósvafő -/- 

AGCAT14 Felis catus female Komjáti -/- 

AGCAT15 Felis catus female Komjáti -/- 

AGCAT16 Felis catus female Komjáti -/- 

AGCAT17 Felis catus female Komjáti -/- 

AGCAT18 Felis catus male Komjáti -/- 

AGCAT19 Felis catus female Komjáti -/- 

AGCAT20 Felis catus male Szögliget -/- 

AGCAT21 Felis catus female Szinpetri +/- 

AGCAT22 Felis catus female Jósvafő -/- 

AGCAT23 Felis catus female Szinpetri -/- 

AGCAT25 Felis catus female Szinpetri -/- 

AGCAT26 Felis catus female Szinpetri -/- 

AGCAT27 Felis catus male Szinpetri -/- 

AGCAT28 Felis catus male Szendrő -/- 

AGCAT29 Felis catus female Szendrő -/- 

AGCAT30 Felis catus female Szendrő -/- 

AGCAT31 Felis catus female  Komjáti -/- 

AGCAT32 Felis catus female  Komjáti -/- 

AGCAT33 Felis catus female  Komjáti -/- 

AGCAT34 Felis catus male  Komjáti -/- 

AGCAT35 Felis catus male  Komjáti -/- 

AGCAT36 Felis catus female  Edelény -/- 

AGCAT37 Felis catus female  Szendrő -/- 

AGCAT38 Felis catus male  Felsőnyárád -/- 

AGCAT39 Felis catus female  Felsőnyárád -/- 
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5.9. Results of the investigation of the prevalence of Babesia gibsoni in 
“fighting dogs” and its molecular characteristics and co-infections 

5.9.1. Phylogenetic analyses 

In the PCR for detecting piroplasms, 40 of the 79 dogs were positive. DNA of B. gibsoni was 

identified by sequencing in 32 samples (prevalence of 40.5%; CI: 29.6–52.2%), whereas B. 

vulpes was present in 8 samples (prevalence of 10.1%; CI: 4.5–19.0%).  

However, single or double co-infections with canine hemoplasmas were detected in 49 

of the 79 dogs (62.03%, CI: 50.41–72.72%) (Table 12). Hemotropic mycoplasmas occurred 

with a prevalence of 62.45% (25 of 40 dogs, CI: 45.80–77.27%) in Babesia-infected dogs, and 

in 65.63% (21 of 32 dogs, CI: 46.81-81.43%) of B. gibsoni-infected dogs. Interestingly, out of 

the 30 puppies tested, 13 were PCR-negative, whereas 2 had B. gibsoni, 2 had B. vulpes and 

10 had hemoplasma mono-infection. In addition, 3 of them had co-infections.  

Babesia gibsoni from Hungary showed sequence identity of 100% (413/413 bp) with 

conspecific strains reported from various geographical regions, including Europe (Romania: 

KY433318), as well as eastern and southern Asia, i.e. genotype Asia-1 from Japan (AF175300) 

and genotype Asia-2 from Malaysia and Sri-Lanka (AF175301). Similarly, B. vulpes from dogs 

in Hungary showed identity of 100% (436/436 bp) with sequences previously reported from 

foxes in Hungary (KM232513) or other parts of Europe (e.g. Croatia: HM212628). 

Two additional genetic markers were analyzed to reveal genetic characteristics and 

geographical relationships of B. gibsoni that emerged in Hungary. The cox1 gene sequence of 

this isolate (which was identical to all the 10 analyzed Hungarian samples) showed the closest, 

but only 99.5–99.7% (647/650 to 648/650 bp) identity with B. gibsoni reported on GenBank 

from Japan (AB685182-AB685185 and AB499087, respectively). The sequence homology 

was lower, 99.4% (646/650 bp) in comparison with further isolates from China (KP666169) and 

Japan (AB685188). Based on the closest match (AB685184), one synonymous and a 

nonsynonymous mutation were identified, the latter representing an exchange of methionine 

to isoleucine at position 33 in the amino-acid chain (M33I). 

Regarding the cytb gene, B. gibsoni from Hungary had two sequence variants. The 

most prevalent haplotype (occurring in 10 out of 11 tested dogs) was 99.9% (732/733 bp) 

identical to the most closely related sequence available on GenBank, reported from Japan 

(AB685184). This single nucleotide polymorphism, characteristic of all haplotypes of B. gibsoni 

sequenced here (including the most divergent one outlined below) is a nonsynonymous 

mutation, i.e. exchange of proline to serine at position 310 in the amino-acid sequence 

(P310S). Despite ATV treatment, the most divergent B. gibsoni cytb haplotype was found in 

the dog Bejgli that had persistent anemia. This variant differed from the same reference 

sequence (AB685184) at three positions, amounting to only 99.6% (730/733) sequence 

identity. All differences represented nonsynonymous mutations, i.e. in addition to the above 
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(P310S) there were two further changes: methionine to isoleucine at position 121 (M121I) and 

phenylalanine to leucine at position 258 (F258L) (Figure 17). 

Phylogenetically, the two B. gibsoni cytb haplotypes from Hungary were associated and 

most closely related to haplotypes from Japan (Fig. 3). Regarding the overall relationships of 

Eurasian B. gibsoni cytb sequences, the topology of the phylogenetic tree reflected that their 

clustering is coherent according to geographical region. However, although B. gibsoni cytb 

sequences reported from eastern Asia (Xiʼan city and Wuhan in eastern China, as well as 

Japan) or southern Asia (India) formed two sister groups, their separation received low (52%) 

bootstrap support (Figure 18). 

Last but not least, during posttreatment molecular analysis (6 months after treatment) 

two dogs out of the six available B. gibsoni-positives (most prevalent haplotype based on cytb 

gene), and also Beigli were shown to still harbor B. gibsoni. 

 

 

 

Figure 17. Protein BLAST comparison of Babesia gibsoni cytb amino-acid sequences for the 

GenBank reference sequence AB685184 and the sequence from the dog named Bejgli. Yellow color 

indicates mutations. 
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Figure 18. Phylogenetic tree for haplotypes of Babesia gibsoni and closely related piroplasms based on the cytb 

gene. The tree was generated with the Maximum Likelihood method and Jukes-Cantor model in MEGA 7.0. 

Nucleotide sequences obtained in this study are indicated in red. There were 648 positions in the final dataset. 

Branch lengths represent the number of substitutions per site inferred according to the scale shown. 
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5.9.2. Hematology 

Intraerythrocytic merozoites of small Babesia spp. were microscopically detected in the blood 

smears of all dogs which were PCR-positive for piroplasms. Hemoplasmas were not seen in 

the blood smears. Prior to treatment of B. gibsoni-infected dogs, their mean hematocrit (HCT) 

was 38.50 ± 7.29%, the red blood cell count (RBC) was (5.34 ± 1.20) × 1012/l, and the 

hemoglobin concentration (HGB) was 12.55 ± 2.68 g/dl. On the other hand, in B. vulpes-

infected dogs the mean HCT was 43.80 ± 3.03%, the RBC was (6.10 ± 0.59) × 1012/l and the 

HGB was 14.50 ± 1.38 g/dl. Comparisons with dogs PCR-negative for piroplasms (HCT: 44.43 

± 5.01%; RBC: (6.38 ± 0.72)  1012/l; HGB: 14.78 ± 1.75 g/dl), revealed that all these 

hematological parameters were significantly lower in B. gibsoni-infected dogs (Studentʼs test, 

HCT: t(63) = 3.89, P = 0.0002; RBC: t(63) = 4.39, P < 0.0001;  HGB; t(63) = 4.06, P = 0.0001) 

unlike in the case of B. vulpes-infected dogs (Studentʼs test, HCT: t(40) = 0.27, P = 0.79; RBC: 

t(40) = 0.32, P = 0.75; HGB; t(40) = 0.67, P = 0.51).  

In Table 12, pretreatment HCT values are summarized according to co-infections of 

dogs. Considering B. gibsoni-infected dogs, co-infection with both “Ca. Mycoplasma 

haematoparvum” (CMhp) and Mycoplasma haemocanis (Mhc) resulted in significantly lower 

HCT (33.00 ± 7.26%) than CMhp co-infection alone (40.86 ± 3.53%; Studentʼs test, HCT: t(9) = 

2.46, P = 0.036). Among B. gibsoni-infected dogs, 8 had mild anemia (30% < HCT < 38%), 3 

had moderate anemia (HCT < 30%), and in one severe anemia developed (HCT < 20%). In 

the latter two groups, two dogs had co-infection with both hemoplasmas, and two had co-

infection only with Mhc. The most severely affected dog (Bejgli) was concurrently infected with 

B. gibsoni and M. haemocanis: its HCT level was 12% and, based on follow-up, the 

hematological values of this dog declined despite ATV treatment. At this point, hemoplasma 

positivity was not yet known (Figure 2), therefore specific treatment against M. haemocanis 

was not given to this dog. 
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Table 12. Occurrence of vector-borne pathogens and pretreatment hematocrit (HCT) values in fighting 
dogs  

Pathogen No. of dogs positive by PCR Mean HCT ± SDa in dogs with: 

Mhc co-
infection 

CMhp 
co-

infection 

Mhc 
and 

CMhp 
co-

infection 
No co-

infection 
Mhc co-
infection 

CMhp 
co-

infection 

Mhc 
and 

CMhp 
co-

infection 
No 

coinfection 

Babesia 
gibsoni  
(n = 32) 

9 8 4 11 
38.13 ± 
9.77 

40.86 ± 
3.53 

33.00 ± 
7.26 

39.44 ± 
6.75 

Babesia 
vulpes  
(n = 8) 

1 1 2 4 44b 48b 
42.50 ± 
3.53 

42b 

a To assess this parameter, blood samples were available from 28 B. gibsoni-infected and from 5 B. vulpes-
infected dogs. 
b Blood sample from one dog was available for hematological evaluation. 
Abbreviations: HCT, hematocrit; SD, standard deviation; Mhc, Mycoplasma haemocanis; CMhp, Candidatus 
Mycoplasma haematoparvum. 

 
 
 
 

5.10. Results of phylogenetic analysis of selected protozoa 

Among the four heteroxenous apicomplexan parasites phylogenetically analysed here (Figure 

19A), H. felis had the highest rate of genetic diversity (maximum p-distance: 29/1654 bp = 

1.75%), followed by B. gibsoni (21/1579 bp = 1.33%). The genetic diversity was low among 

18S rRNA gene sequences of S. morae (3/1808 bp = 0.17%) and C. europaeus (1/1227 bp = 

0.08%). This was confirmed by the evolutionary distance relative to the above diversity rates 

as reflected by the shape (width) of their cluster in the phylogenetic tree, with H. felis having 

the longest and C. europaeus the shortest horizontal distance within their group (Figure 19A).  

Regarding homoxenous, non-apicomplexan protozoa (Figure 19B), the highest rate of 

genetic diversity belonged to the free-living amoeba, A. castellanii (maximum p-distance: 

180/2328 bp = 7.73%), and this value was much lower in the case of T. gallinae (13/1570 bp 

= 0.83%) and T. foetus (5/1462 bp = 0.34%), the lowest belonging to P. hominis (2/1500 bp = 

0,13%). This was confirmed by the evolutionary distances reflected by the shape (width) of 

their cluster in the phylogenetic tree, with A. castellanii sequences forming the broadest and 

P. hominis the narrowest group (Figure 19B).  
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Figure 19. Phylogenetic trees of selected protozoan parasites (A. phylum Apicomplexa, B. phyla Parabasalia and 

Amoebozoa) based on the 18S rRNA gene. The evolutionary history was inferred using the Neighbor-Joining 

method and p-distance model. The percentage of replicate trees in which the associated taxa clustered together 

in the bootstrap test (1000 replicates) are shown below the branches. The clades are shown collapsed, with 

horizontal distances reflecting the numbers of substitutions per site according to the scale bar. Maximum pairwise 

distances within a clade (species) are included in the text. Pictograms of typical transmission routes are shown on 

the branches or next to the clade, depending on direct or indirect spreading between identical host types. The 

analyses involved (A) 76 sequences and 1360 positions, or (B) 56 sequences and 1706 positions. Evolutionary 

analyses were conducted in MEGA11. 
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6. Discussion 

 

6.1. Pet and wild rodents as hosts of Giardia duodenalis in Central Europe, 
Hungary 

This study investigated the presence and assemblages of G. duodenalis in six species of small 

mammals, some of which were targeted in this context for the first time in the Carpathian Basin. 

Emphasizing the importance of similar studies, previous data attest the high veterinary-medical 

significance of rodents in the epidemiology of giardiosis. These small mammals were reported 

to carry the highest diversity of assemblages (up to four in a single study: [227], and the 

zoonotic A and B were demonstrated in the highest ratio based on either the number of rodent 

species [69] or considering the overall prevalence of infection across different studies [228]. 

In this survey, the highest prevalence of infection with G. duodenalis, and two 

assemblages (B and G) were found in rats. These findings confirm that, apart from G. muris 

and assemblage G, zoonotic genotypes of G. duodenalis may also occur in this host. 

Previously, the following rat-associated assemblages were reported: in Southern Europe 

(Spain: up to 36% prevalence, assemblages B, G by [229]), Central Europe (Austria: 34% 

prevalence, assemblages A, G by [72]) and Northern Europe (Sweden: assemblage G by 

[230]) suggesting that urban and rural rat populations carry this protozoan parasite (including 

its zoonotic variants) with high prevalence. This is especially important in the era of 

urbanization when rat populations and associated disease risks show a rising tendency in 

several parts of Europe (e.g., [231]). 

In Europe, pet chinchillas could carry a broad range of G. duodenalis genotypes, 

including the zoonotic assemblages A (in Belgium: [227]) and B (in Belgium: [227]; in Italy: [75]; 

Romania: [76]; Czechia: [232]). In addition, the following assemblages were reported from this 

host: D (in Romania: [76]), C (in Belgium: [227]; in Italy: [75]) and E ( in Belgium: [227]; in 

Romania: [76]). In most studies assemblage B was demonstrated from chinchillas either solely 

[232], or as the predominant genotype [75, 76, 227]. In one of these studies, each Giardia-

infected chinchilla was infected with at least one of the two zoonotic assemblages (A and/or 

B), underlining the potential risks associated with these pet rodents in human infection [227]. 

It was also shown here that pet degus may shed Giardia cysts. Unfortunately, the 

corresponding genotype could not be identified from this host species, probably because of 

the low number of cysts, which prevented the extraction of sufficient DNA, as also reported in 

other studies [75]. Nevertheless, to our knowledge, this is the first report on the Giardia-carrier 

status of pet degus based on a regular parasitological laboratory method. Previously, infection 

with this parasite was either not detected in pet degus [233], or only with highly sensitive 

immunological method [234]. These results suggest that (especially compared to chinchillas) 
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degus are less important hosts of G. duodenalis and play a subordinate role in its zoonotic 

transmission. 

Assemblage E was also demonstrated for the first time in beavers, although reported 

previously in other rodent species including chinchillas [227]. Beavers frequently shed zoonotic 

A and B assemblages of G. duodenalis during their water-associated life, and they were found 

responsible for human infections in North America where people had access to (bathing in or 

drinking) water downstream [74, 77, 235]. This was also confirmed by a European study, where 

assemblages A and B were found in this host (Poland: [78]). Although, based on our preliminary 

results, a similar epidemiological role could not be established in the southern part of Central 

Europe, this situation deserves continuous monitoring, because of increasing beaver 

populations throughout Europe [236].  

On the other hand, no rabbits and guinea pigs were found to carry G. duodenalis in 

this study. Similarly, previous reports on Giardia-positivity of guinea pigs could not confirm 

infection in these pet rodents (e.g., [237, 238], or the prevalence was low [239]. Thus, based 

on these results, the role of these hosts, from the point of view of zoonotic transmission, 

appears to be negligible in the evaluated population. This is in line with a previous large scale 

study involving samples from Germany and other European countries, where chinchillas had 

significantly higher prevalence of Giardia-infection than rabbits and guinea pigs [239]. 

In conclusion, findings of this research support that synanthropic rodent species are 

not equally important in their epidemiological role with respect to shedding Giardia cysts; 

especially when focusing on the question whether zoonotic assemblage is involved in their 

infection. The majority of animals tested here were asymptomatic carriers, further increasing 

the necessity of awareness that clinically normal pet rodents may pose a risk of shedding cysts 

of even zoonotic Giardia genotypes (most likely from assemblage B). 

 

6.2. Molecular epidemiological study of Trichomonas gallinae focusing on 
Central and Southeastern Europe 

To our knowledge, this is the first study on the genetic diversity of T. gallinae in Hungary, 

Romania and the whole southeastern European region, complementing previous reports from 

western, central and southern Europe (see below). Most infected birds in this study did not 

show clinical signs of trichomonosis except five pigeons (5%). A lower prevalence of clinical 

trichomonosis (0.37%) has been reported in a study involving 612 wild and domestic pigeons 

[240]. Since T. gallinae can cause the death of infected hosts [241], the rarity of symptoms can 

in part be explained by the death of severely affected birds, which can die before they are 

examined [240]. Furthermore, from an epidemiological point of view, subclinical cases might 

ensure easier spread of these protozoa. Therefore, screening pigeons for Trichomonas spp. 

should become an integral part of veterinary practice. 
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 In this study, T. gallinae was detected in all four columbiform bird species examined. 

The infection rate was 73% which is similar to the 74% overall prevalence reported in wild 

columbids from western and southern Europe [135]. Within the Mediterranean region, in the 

Iberian Peninsula 44.8% of wild and domestic pigeons were shown to carry T. gallinae [240], 

but in another study from Spain the prevalence was much higher (79.4%: [242]). Furthermore, 

in the UK other columbiform species including C. palumbus and S. decaocto were also 

examined and a 60% incidence was reported [243]. In Germany, four species (C. livia, C. 

oenas, C. palumbus, and S. decaocto) were screened and 50% of the birds were infected with 

T. gallinae [244]. The prevalence was 37% among racing pigeons in Poland [138]. 

In Hungary, based on our screening assay, racing feral pigeons had a significantly 

higher prevalence of T. gallinae infection than urban feral pigeons (95% vs 33%). The possible 

reason for this difference might be that at trading-breeding places birds of different origin are 

housed close to each other, and the chances for infection are higher if naive racing pigeons 

can get into contact with carrier birds not only outside, but inside such enclosures, e.g., by 

sharing food and drinking water or by kissing. Therefore, we propose that similar places play 

a crucial role as hotspots in the transmission of T. gallinae. To our knowledge, there is no 

similar study in Europe that compares T. gallinae according to the place where pigeons are 

kept. 

All four examined wood pigeons were infected. Although the sample size was limited, 

this apparently high (100%) infection rate is similar to what was reported among wood pigeons 

in Germany (70%: [135]) and the Iberian Peninsula (83.3%: [245]). This high prevalence is 

likely associated with urbanization of wood pigeons in Hungary, resulting in close contact of 

birds (e.g., via sharing common drinking sources) in green areas where the number of wood 

pigeons has recently increased significantly [246]. 

Concerning the other studied bird species, the prevalence was also high (94%) among 

ring doves in Hungary. There is a lack of literature data on trichomonosis of both collared dove 

and ring dove in Europe, despite the fact that ring doves were found to be susceptible to T. 

gallinae during experimental infection [247]. In the Caribbean an outbreak was reported [248], 

drawing the attention of veterinarians to the necessity to monitor T. gallinae in this bird species. 

 Based on the long fragment of the 18S rRNA gene, six Trichomonas subtypes were 

detected in columbiform birds in Hungary and Romania. Compared to a reference sequence, 

they had up to eight nucleotide differences, meaning that the maximum genetic difference was 

low (0.5%) compared to what was reported from North America (3.4%: [134]) and even from 

Austria, a country neighboring Hungary (2.9%: [249]). In Hungary, two genetic variants were 

detected among urban feral pigeons, vs four 18S rRNA gene subtypes occurred in racing feral 

pigeons kept in the same trading-breeding place, highlighting the epidemiological importance 

of similar facilities in general. 
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 It is noteworthy that each bird from which T. gallinae was sequenced, carried a single 

18S rRNA gene subtype, as also demonstrated repeatedly with different modes of detection. 

Since it was reported that T. gallinae triggers premunition [133] and immunity lasts until the 

loss of infection [127], the a priori presence of any variant probably protected the relevant birds 

during a heterologous challenge, which is likely to occur in the environment of a pigeon trading-

breeding place. It is also highly relevant to note that among racing pigeons, 18S rRNA gene 

subtype D was only found in pigeons that originated from Germany. We suspect that subtype 

D was already present in these birds when imported to Hungary and probably premunition 

protected them from becoming infected in the pigeon trading place by other variants. 

 The clinical signs relevant to trichomonosis were only associated with 18S rRNA gene 

subtype D in Hungary. There are several reports indicating that certain haplotypes are highly 

correlated with more severe lesions in various bird species [240, 242, 250]. However, no close 

correlation has been found in terms of pathogenicity and geographical distribution when 

columbids were examined across Europe [135].  

 Considering the results in a phylogenetic context, the topology of the 18S rRNA 

phylogenetic tree did not show clear clustering of T. gallinae subtypes from this study according 

to host species, living place or keeping mode of columbiform birds. Clustering of Trichomonas 

sp. Hu-TG37 to the phylogenetic group of T. canistomae and T. tenax suggests that it might 

represent a new species. This separate position of Trichomonas sp. Hu-TG37 was confirmed 

also by the alpha-tubulin phylogenetic tree. It is known that some Trichomonas spp. show high 

genetic diversity depending on bird species, and few of these infections are caused by 

variants/species closely related to T. vaginalis, T. tenax [134, 249] or T. canistomae [242]. 

Trichomonas sp. Hu-TG37 identified for the first time in the present study belongs to the 

phylogenetic group of Trichomonas spp. infecting (among the others) domestic carnivores. 

This calls for further epidemiological studies on the possible contact between dogs and 

pigeons (e.g., via water deposited in gardens in drinking bowls) and its role in the transmission 

of these protozoan parasites. 

 In conclusion, this is the first report in Hungary and Romania on the prevalence and 

18S rRNA gene subtypes of T. gallinae in various columbiform birds using molecular methods. 

The results suggest that most of these variants are not host-specific and do not cause clinical 

signs. The highest degree of genetic diversity and high prevalence of infection was observed 

among racing pigeons and captive ring doves, thereby highlighting the epidemiological 

importance of pigeon/dove trading-breeding places. 
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6.3. Molecular-phylogenetic investigation of trichomonads in dogs and 
cats reveals a novel Tritrichomonas species 

Trichomonosis is a widespread parasitic infection in cats, and its most frequent causative agent 

is T. foetus, as reported in several countries [107]. However, relevant data were not available 

from Hungary, and some countries of its geographical region, justifying the need for a survey 

described in the present study. In addition, molecular-phylogenetic data on other trichomonads 

of dogs and cats are limited even in a worldwide context. 

 In the present study four wildcats from Aggtelek National Park were screened for oral 

and intestinal trichomonads. Although trichomonad DNA was not found, the opportunity to be 

infected was given, since in that region outdoor domestic cats and wildcats have been proven 

to share their living space with each other. This is also supported by recent reports of 

Hepatozoon felis in wildcats and domestic cats in the same region [58, 251]. 

 On the other hand, domestic cats sampled in this study showed 13.8% prevalence of 

T. foetus. Although in Western Europe the occurrence of T. foetus seems to be more common, 

its presence in Central and Eastern Europe cannot be neglected. Based on the studies using 

PCR, the highest prevalence (38.7%) was reported in Spain, among 93 densely housed cats 

with chronic diarrhea [112]. In Switzerland, 10 out of 45 cats with diarrhea proved to be positive 

for T. foetus [113]. Furthermore, in Germany 15.7% of 230 purebred cats were PCR-positive 

but only 61% of them showed diarrheic symptoms [114]. In Italy 267 cats kept in different 

environments were screened and 14 of them (5.2%) were clinically Tritrichomonas-infected 

[71]. Among neighboring countries, similar studies were conducted. However, T. foetus positive 

cats were found only in Austria, with 2.9% prevalence [116, 252]. In addition, in the northern 

part of Central Europe (Poland) one clinical case was reported [115]. 

 In dogs the occurrence of T. foetus is not as common as in cats. This is supported by 

data from different continents i.e., from East China and the United States where T. foetus was 

reported only with 0.6% and 2.6% prevalence in dogs, respectively [106, 117]. To the best of 

our knowledge, this is the first report of T. foetus in dogs in Europe north of the Mediterranean 

Basin, since previously this has only been reported in Italy: once in 2018 when one out of 100 

shelter dogs proved to be infected [118], then in 2020 when T. foetus was found in an atypical 

location i.e., in a subcutaneous mass of a dog [119]. Among the 25 dogs in the present study, 

four were positive for T. foetus and all had diarrhea. This observation may contradict the 

statement that P. hominis is more frequent than T. foetus in dogs with diarrhea [117]. Since 

symptomatic trichomonosis appears between 7 weeks to 6 months of age [117] this 

corresponds well to that of the PCR-positive dog for which the age was known (3 months). In 

contrast, in a study two adult dogs were positive for T. foetus among 38 diarrheic dogs, with 

one of them being co-infected with P. hominis [117]. Similarly, in East China, two adult (>12 
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month-old) dogs out of 315 proved to be positive for T. foetus, and one of them had diarrhea 

[106]. 

While T. foetus is a protozoon with pathogenic potential, until recently P. hominis has 

been considered as a non-pathogenic opportunistic parasite in different mammalian hosts 

including dogs, cats, and human beings [253]. Hence all dogs and cats infected with P. hominis 

have the potential for zoonotic transmission [123]. Some recently published studies reported 

association between P. hominis infection and the occurrence of diarrhea [107, 110, 254], which 

can also be supported with our results, since one of the two P. hominis positive cats had strong 

diarrhea. Whether P. hominis can cause large bowel diarrhea by itself or only in co-infection 

with other parasites is still unknown [111, 122]. It is noteworthy that this protozoon is frequently 

misidentified as T. foetus, therefore its veterinary-medical significance is probably 

underestimated [122]. In the present study P. hominis was identified in 2.1% of the cats, one 

of which (a 7-month-old Persian-Himalayan cat) had diarrhea. This is in line with an American 

study that also revealed the presence of P. hominis in diarrheic young purebred cats [111]. 

Pentatrichomonas hominis is known to be a less frequently observed protozoon in cats than T. 

foetus [116, 122, 123]. Thus, not surprisingly, in Europe only a few reports have hitherto 

provided data on P. hominis in cats [116, 252]. Therefore, this is the third study in Europe 

showing potential pathogenic role of P. hominis in cats. In addition, based on the ITS2 

phylogenetic tree, the feline P. hominis isolate clustered together with P. hominis from a human 

sampled in Thailand. This supports the theory that P. hominis is a zoonotic parasite, although 

its zoonotic transmission still has to be proved [123, 253]. 

In this study, the swab sample of a single female cat without any symptoms contained 

the DNA of a novel Tritrichomonas genotype or species which showed the highest, 96.44% 

identity to T. casperi and clustered as its sister species on both phylogenetic trees. 

Tritrichomonas casperi was reported to colonize the caecum of a laboratory mouse (Mus 

musculus) [255]. The relevant sample in this study was obtained from the rectum via mucosal 

swabbing; therefore, it was probably associated with epicellular parasitism and not with a 

digested prey item as a pseudoparasite. However, the latter cannot be completely excluded, 

as this finding can still be associated with mice eaten by the PCR-positive cat, thus originating 

from a rodent-associated trichomonad. Nevertheless, since felines are not known as natural 

hosts of T. casperi described from mouse, data should be interpreted with caution, especially 

considering the short size (337 bp) of the 18S rRNA sequence used in our phylogenetic 

analysis. If confirmed, the detection of DNA from a T. casperi-related species from cats could 

indicate a possible role of a predator-prey link in the evolution of this feline trichomonad, similar 

to what is known of avian trichomonosis [256]. Further studies are needed to confirm the 

identity of this Tritrichomonas sp. and its phylogenetic relationship with T. casperi. 
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Although T. foetus usually infects young (<12 months) animals [94, 102, 111], this could 

not be precisely confirmed in our study, as there were PCR-positive cats of different ages. The 

mean age was more than 12 months among positive cats, which can be explained by the fact 

that some positive Ragdoll cats were from the same cattery, including older cats which were 

certainly asymptomatic carriers. Concerning the breed of T. foetus-infected cats, only the 

Ragdoll and European shorthair breeds yielded positive results. However, no conclusion can 

be drawn from this, since more than 93% of the cats were from these two breeds in this study. 

In line with this, cats from catteries or shelters are at increased risk for becoming infected [98] 

e.g.: in the UK and Norway, T. foetus has also been reported in other breeds such as Siamese, 

Bengal and Burmese along with the Ragdoll [257, 258]. In addition, in Germany the Norwegian 

Forest cats were the most infected among other breeds [114]. 

In this survey, no significant association of trichomonad-infection was observed with 

the sex of animals, confirming the results of the above studies, because in the context of T. 

foetus infection the sex was not reported as a predisposing factor. However, significant 

association was found here between the presence of T. foetus DNA and gastrointestinal 

symptoms at the time of sampling, or with cats having a history of signs of enteritis. This is in 

line with previous studies, where symptoms played a key role in the sampling of T. foetus 

positive cats [114, 259]. This is particularly relevant at young age, because older infected cats 

may be asymptomatic carriers with long history of diarrhea in kittenhood [98], as also shown 

here. In addition, if cats are kept together in breeding facilities, it is more likely for them to 

contract T. foetus infection, as was found among Ragdoll cats of this study.  

 

6.4. Molecular evidence of Monocercomonas and Acanthamoeba in the 
feces of captive reptiles 

Trichomonads and related mucosoflagellates are considered as nonpathogenic 

commensalists [139], although in some cases they might cause loss of appetite, diarrhea, and 

weight loss of reptiles [260]. Occasionally, their establishment in the gallbladder results in 

cholangitis. The pathogenic role of some species from order Trichomonadida is supported by 

the fact that in a fecal sample of a viper (Bothrops jararaca) with diarrhea, high numbers of 

trichomonads were detected microscopically [139]. Furthermore, in a black throat monitor 

lizard (Varanus albigularis ionidesi), a coinfection with two protozoa, including Trichomonas 

and Cryptosporidium spp. caused diarrhea, salivation, vomiting, anorexia, and lethargy[261]. 

Trichomonas species have been described as frequently found protozoa in reptiles of Ceylon 

(Vipera russeli, Calotes versicolor) [262]; however, with molecular investigations, it has not 

since been clarified which Trichomonas species are involved. Furthermore, Monocercomonas 

spp. are known to live in the large intestine and pass with the feces of squamate reptiles [263]. 

They may cause moderate depression, loss of activity and weight [142]. 
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In the present study, a novel Monocercomonas-like genotype was found in a leopard 

gecko. Monocercomonas colubrorum is considered a common species in a wide range of 

Squamata [220, 264], but, to the best of our knowledge, no other species of this genus has 

hitherto been described from reptiles. Therefore, based on the sequence data so far it cannot 

be assumed, but it is possible that our finding represents a new species, or perhaps even a 

new genus. Considering that phylogenetically it belonged to a sister clade of all other reported 

Monocercomonas sequences (Figure 11). 

Since reptiles are frequently kept as pet animals, the parasites they carry can be a 

source of infection for other animals or humans. Reptiles that are sold as pets might not born 

in captivity but brought from the wild, thereby increasing the chances of carrying different 

pathogens [140]. Opportunistic Acanthamoeba spp. are geographically widespread and locally 

live in diverse environmental substances, including soil, water reservoirs, and even hospitals 

[89, 94]. Although Acanthamoeba spp. play an important role in maintaining bacterial biomass 

[89], they are of great public health significance because they can cause encephalitis (GAE), 

skin lesions in immunocompromised patients, and keratitis (AK) mainly in people wearing 

contact lenses [90, 91]. Furthermore, these species also have veterinary significance, as their 

presence is proven in animals, including dogs, cats, pigs, horses, rabbits, birds, amphibians, 

and reptiles [91]. They may also have clinical significance in some animals, since conjunctival 

swabs of birds, dogs and cats contained these protozoa [94], however in cats with keratitis 

screening their corneal scrapings also proved to be effective [265]. Interestingly, in a study 

Acanthamoeba sp. from the eyes of cats showed 100% identity to A. castellanii genotype 4 

from human eyes [266]. In addition, Acanthamoeba sp. might also occur in the brain of animals, 

as it has been reported in a dog and in a rhesus macaque [267, 268]. 

Although Acanthamoeba spp. are ubiquitous protozoa, considering our carefully 

performed non-invasive sampling, molecular evidence is provided in this study, for the 

presence of four different genotypes of Acanthamoeba in the feces of reptiles. Acanthamoeba 

hatchetti is known to have clinicopathological significance in both humans and animals, e.g., 

A. hatchetti was detected in a horse with severe placentitis [97]. In addition, Acanthamoeba 

genotype T4 species are also opportunistic pathogens both in humans and animals causing 

keratitis and/or encephalitis [269].  

Beside the classification based on cyst size and shape (Group I-III: [90]), 

Acanthamoeba spp. based on the SSU rDNA can be divided into 23 genotypes (T1-T23; [270]), 

however, most of the AK cases are caused by the T4 genotype [271]. In this study, an 

Acanthamoeba sp. clustering with several isolates reported as A. castellanii and two identical 

A. lugdunensis sequences belonged to the phylogenetic group of the T4 genotype that is 

frequently isolated form human clinical cases [272] (Figure 12). In previous reports, although 

Acanthamoeba species have been found in reptile feces [273] and in the gut contents of 



85 
 

reptiles [86] they have been molecularly detected only from a necrotic lesion of basilisk lizard 

[274]. To our knowledge, this is the first time that acanthamoebae are reported by molecular 

methods in the feces of several species of captive reptiles. These results could be important 

for human health since reptiles are frequently kept as pet animals. Furthermore, the vector role 

of Acanthamoeba spp. is also notable, since these amphizoic free-living amoebae can harbor 

different pathogens [91]. 

In conclusion, molecular evidence is provided here for the presence of Acanthamoeba DNA in 

the feces of captive reptiles. Although fecal samples analyzed here were collected in artificial 

enclosures, it cannot be completely ruled out that our PCR exceptionally could have amplified 

contaminating or air-borne acanthamoebae. Nevertheless, the above findings of opportunistic 

pathogens highlight the importance of monitoring protozoa and bacteria in the feces of pet 

reptiles as a source of infections for other animals and humans living nearby. Furthermore, 

these data could even have epidemiological relevance in natural ecosystems, e.g., when raw 

juice is made for human consumption from fruits that may have become contaminated with the 

feces of arboreal reptiles. 

 

6.5. The presence of Acanthamoeba spp. in dogs and cats with ocular 
signs in Hungary 

Protozoa are well documented as the causative agents of numerous diseases affecting both 

humans and animals. Studies suggest that certain protozoa are becoming more pathogenic. 

Along with Acanthamoeba, meningoencephalitis in humans has also been linked to free-living 

amoebae including Balamuthia and Sappinia. [275]. 

Since Acanthamoeba is a well-known cause of eye disease in humans and is 

increasingly being reported in Europe, we were encouraged to see if we could isolate it from 

small animal patients with ophthalmic diseases in Hungary. Acanthamoeba is described as an 

opportunistic parasite which mainly causes disease in immunosuppressed individuals. 

However, considering a dog from Spain and a Boxer dog from United States, both cases clearly 

demonstrate that dogs are susceptible to systemic infections caused by Acanthamoeba spp. 

including A. castellanii like those seen in cases of GAE in humans. However, neither of the 

aforementioned examples involved immunosuppressed dogs; both featured young animals, 

indicating that the Acanthamoeba can take advantage of hosts with underdeveloped immune 

systems also [276, 277]. Samples used in our study included samples taken from both juvenile 

puppies and geriatric dogs but still no Acanthamoeba was detected. Although Acanthamoeba 

is abundant in the environment, and there is an increase in reported cases, AK  still remains 

rare in humans [278]. When discussing AK, Acanthamoeba may be considered as a non-

opportunistic protozoa as the host does not need to be immunosuppressed, instead the leading 
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factor in the appearance of keratitis in humans in the presence of Acanthamoeba species is 

the use of contact lenses and the unhygienic keeping of them [279]. 

It is apparent that Acanthamoeba has the capacity to be the source of disease in 

humans in the form of GAE and AK and although the manifestation of diseases in animals as 

a result of the presence of that protozoon is not as well documented, cases of disease in 

animals have been described. Acanthamoeba quina has been recorded as the probable cause 

of meningoencephalitis in a Rhesus Macaque and A. hatchettti has been recorded causing 

severe placentitis in a horse [280, 281]. Studies have found that animals have may shed strains 

of Acanthamoeba that have been linked to AK cases in humans, in their feces, which suggests 

that disease in humans could potentially be caused by zoonosis. For example, A. lugdunensis 

has been isolated from reptile feces and the eyes of an AK sufferer [282, 283]. It has been 

proven that AK like disease can occur in cats, but this has only been proven to be the case 

when cats were exposed to A. castellanii contaminated contact lenses [284]. Naturally 

occurring ocular lesions due to an Acanthamoeba infection in animals is rare and very limited 

literature sources have it recorded, the case of sclerokeratitis in a cat is just one of very limited 

examples [285]. Perhaps as the mannose-binding abilities of Acanthamoeba differs among 

species and the unlikely nature of cats and dogs to use contact lenses, the risk of small animals 

presenting to veterinarians with ocular lesions due to the presence of Acanthamoeba is 

negligible, the result of this study supports this. However, to the best of our knowledge, our 

study did not utilize any patients who were immunosuppressed, and perhaps further studies 

need to be conducted on immunosuppressed cats and dogs with ocular lesions for further 

evidence.  

 

6.6. Parasitological and molecular investigation of consequences of raw 
meat feeding (BARF) in dogs and cats: implications for other pets 
living nearby 

In recent years, raw meat diet became more popular among pet owners, due to its potential 

beneficial effect on health. Consequently, research on the topic has increased and also 

reported the risks to parasitic infections related to raw meat feeding [286]. 

Although dogs consuming raw meat are potentially exposed to the infection with 

Neospora caninum, the samples in our study were negative for this protozoon. It is worth to 

mention that shedding of N. caninum oocysts is often limited, therefore, false negative results 

can also occur. Serology is a more sensitive method. For instance, in a German survey bitches 

were screened for N. caninum among which six seropositive dogs were fed with fresh raw 

meat [287]. Furthermore, a recently published study analyzed commercial frozen RMBDs and 

reported the presence of Sarcocystis cruzi, Sarcocystis tenella and T. gondii [153]. It is worth 

noting that the definitive host of T. gondii is the cat, however, interestingly, the DNA of this 
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zoonotic protozoon has also been reported in dog feces [152]. This phenomenon might be 

related to coprophagia of feline feces, or to the ingestion of meat harboring T. gondii [152], the 

latter relevant to BARF diet. The chance to detect its oocyst in cat feces is limited, since the 

oocysts are shed for relatively short periods of time (2-3 weeks) after infection, and the 

detection with microscope has low sensitivity. Although the presence of Sarcocystis spp. had 

been reported in Hungary [58, 181, 288], we could not prove the presence of Sarcocystis spp. 

with molecular method, even though, we detected sporocysts of Sarcocystis in one sample. 

This might be explained by the low number of sporocysts. Furthermore, this was the only 

positive sample which was from a dog fed with fresh raw meat. Dogs can be infected with 

several Sarcocystis species, among which the most common species are Sarcocystis cruzi 

and Sarcocystis tenella [153]. In this study the affected dog was fed with beef, hence, most 

probably it was infected by S. cruzi. Although sarcocystiosis is certainly associated with raw 

meat consumption considering the life cycle of this apicomplexan parasite, the clinic-

pathological significance of this is low, because dogs as final hosts are usually symptomless 

[289].  

Among coccidia, Cystoisospora spp. may infect dogs and cats, and may cause gastro-

intestinal symptoms. As a result of a survey in 2001 in Hungary, where 490 dogs were screened 

to different parasites, the prevalence of Cystoisospora spp. was 3.5% [148]. During the 

microscopical examination in the present study two dogs (2.2%) were infected with 

Cystoisospora spp., i.e., one with C. canis and the other with a C. ohioensis-like species. 

Considering the latter, based on the morphological examination of the oocysts, it is difficult to 

distinguish Cystoisospora burrowsi, Cystoisospora neorivolta and C.ohioensis, since they are 

similar and their size ranges overlap [146]. The infection might have been associated with raw 

meat consumption, since monozoic tissue cyst of this protozoon can occur in paratenic hosts 

[147]. However, we postulate that in the present cases the occurrence of Cystoisospora spp. 

was not associated with BARF-diet, because their prevalence was higher in the era preceding 

the widespread application of raw meat feeding [148]. 

In addition, oocysts of E. stiedai were also observed in one of the samples in coinfection 

with C. ohioensis-like species. Eimeria stiedai is the causative agent of biliary or liver 

coccidiosis of rabbits. It is an exceptional species in the strictly host-specific genus Eimeria, 

because it can infect both European brown hares (Lepus europaeus) and domestic rabbits 

(Oryctolagus cuniculus) [290]. Contamination of grass and other plants with E. stiedai oocysts 

may lead to transfer of the agent from wild to pet rabbits where these share habitats in rural 

areas [291]. However, pet rabbits in cities are kept in gardens or other types of enclosures 

where hares are excluded. According to the present results, however, even in highly urbanized 

areas there is a chance to contract E. stiedai by pet rabbits, e.g., when these are kept together 

(in the same household) or in the proximity of dogs fed by raw meat including rabbit liver. These 
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dogs may pass E. stiedai from their food with their feces as pseudoparasites and may thus 

contaminate their environment of pet rabbits with sporulating E. stiedai oocysts. This may entail 

the consequences of biliary coccidiosis among pet rabbits, otherwise not having access to 

infectious oocysts of this Eimeria species. Furthermore, considering other pathogenic Eimeria 

species, rabbits can also be infected with Eimeria species causing intestinal coccidiosis, but 

as these species do not occur in viscera, they are unlikely to have relevance (as 

pseudoparasites) to BARF diet. 

In summary, E. stiedai was detected as pseudoparasites in this study from dogs and 

cats kept on raw meat diet. Without analyzing the meat/viscera meant for consumption by dogs 

or cats, freezing for 2-3 days is strongly advised and this would kill protozoa potentially present 

[150]. This method also has the advantage that the meat remains raw, fulfilling the criterion of 

BARF, but void of living parasites that would risk the health status of BARF-fed pets or others 

living nearby. 

 
6.7. Dogs are final hosts of Sarcocystis morae (Apicomplexa: 

Sarcocystidae) – first report of this species in Hungary and its region 

This is the first molecular evidence of the final host role of domestic dogs in the life cycle of S. 

morae. Prior to this study, to the best of our knowledge, no experimental proof has been 

published in support of this, although sequences closely related to that of S. morae were 

reported from two wild living canids, the red fox (Vulpes vulpes) and the raccoon dog 

(Nyctereutes procyonoides) sampled in Germany [292]. 

 Sarcocystis morae has recently been described as a new species, with red deer 

(Cervus elaphus) and fallow deer (Dama dama) as typical intermediate hosts [176]. In a 

broader sense, S. morae belongs to the group of Sarcocystis species, of which canids are 

suspected to be the final hosts based on phylogenetic properties [176]. 

 In particular, it has long been postulated that red foxes and hunting dogs may play the 

final host role in the life cycle of Sarcocystis species affecting cervids, but for several species 

the exact final hosts are still unknown or are only suspected [293]. In this context, based on 

molecular results and less consistent (98.8-99.1%) sequence identities, it was suggested that 

domestic dogs may be the final hosts of S. linearis and/or S. taeniata [293]. Similarly, while 

tissue cysts of a Sarcocystis species with band-like protrusions were reported to be infective 

for the dog during experimental feeding [225], later the relevant species could not be identified 

with certainty [176]. 

 On the other hand, while the final host spectra of Sarcocystis species are frequently 

referred to at the family level, it is not necessarily true that all canids are natural hosts for the 

same Sarcocystis species. For instance, although hunting dogs may have regular access to 
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mallards infected with S. rileyi, they are not known to be susceptible to this species [294] , in 

contrast to red foxes [181]. 

 In summary, Sarcocystis species which infect cervids as intermediate host and have 

sarcocyst wall with ribbon-like or band-like protrusions [176] cluster in the same phylogenetic 

group based on both the 18S rRNA [176] and the cytochrome c oxidase subunit 1 (cox1) genes 

[295]. Among these five species (Figure 14), only S. cervicanis [224, 296] and S. grueneri [226] 

have hitherto been known to infect dogs as final hosts. Based on the present results, S. morae 

is also added to this list. 

 In a geographical context, results of the molecular-phylogenetic analysis performed 

here are less conclusive, because identical or closely related 18S rRNA sequences of S. morae 

have been reported from northern, central and western Europe, as reflected by their clustering 

(Figure 14). Nevertheless, S. morae has not hitherto been reported in Hungary and its region. 

At the same time, the occurrence of a closely related species, S. grueneri was already 

demonstrated in red deer in the country [297], and S. gracilis (having dogs as final hosts) was 

originally described from roe deer in Hungary [298].  

 The Sarcocystis-infected dog in this study could probably ingest meat from cervids as 

part of the raw meat-based diet (including game animals as its source) which is practiced in 

Hungary among dog owners to increase physical achievement of their dog [170]. This mode 

of feeding is known as a potential source of transmission of Sarcocystis species [153]. Thus, 

giving raw meat of game animals to dogs allow the latter to participate in the life cycle of S. 

morae in a "natural way", shedding sporocysts/oocysts when used for hunting or taken to walks 

in forested areas. 

 

6.8. Screening of domestic cats from North-Eastern Hungary for 
Hepatozoon felis and Cytauxzoon europaeus that cause infections in 
local wildcat populations 

In this study, the occurrence of H. felis and C. europaeus was investigated primarily in domestic 

cats in an area, where both protozoan parasites are endemic in wildcats [58]. The European 

wildcat is distributed widely in Europe, from the Iberian Peninsula to the Caucasus Mountains. 

The spread and genetic diversity of the species are threatened by the closely related domestic 

cat, since free-range domestic cats might be in a much higher density in their natural habitat, 

which creates the conditions for hybridization and close contact as well as sharing pathogens 

[299]. This has been reported at a high level in Hungary [300]. In addition, those cats with 

outdoor lifestyle are exposed to different arthropods, such as fleas and ticks, which may 

transmit different vector-borne pathogens [301] including Hepatozoon spp. and piroplasms. 

Furthermore, with the increase of urbanization and common living space the role of different 
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reservoirs, such as lynx and wildcat in the sylvatic cycle increases the possibility of pathogen 

transmission to domestic cats [302]. 

Feline hepatozoonosis is assumed to be transmitted by ticks, e.g., R. sanguineus, 

presumably similarly to H. canis [19]. Feline cytauxzoonosis is known to be a tick-borne 

disease, although in Europe the tick vector needs clarification [57]. 

In a worldwide context, similarly to our result, the same 18S   lineage of H. felis had 

been found in an Asiatic lion (Panthera leo persica) in India (HQ829439) [299]. Thereafter, the 

same “genogroup II” lineage of H. felis was also reported in an Iriomote cat (Prionailurus 

iriomotensis) in Japan (AB771519) [300]. In Europe, H. felis is indigenous almost exclusively 

to Mediterranean countries, where it has been emerging in domestic cats since 2017. In a 

study 7% of domestic cats imported from the Mediterranean or South-Eastern Europe to 

Germany were positive to H. felis [303]. In Southern Italy 5.1% of domestic cats were positive 

with PCR and they were infected mainly with H. felis, however, one of them was infected with 

H. canis, and another one with H. silvestris [9]. Interestingly, few years later in North-Eastern 

Italy, H. silvestris was found with a higher prevalence [22]. In other Mediterranean countries, 

Spain and Greece, H. felis was reported with 1.6% and 25.5% prevalence, respectively [21, 

23]. As an exception among non-Mediterranean countries, in Austria an autochthonous case 

was reported, affecting a six-year-old tick-infested male cat which showed symptoms of 

anorexia, fever, icterus and was diagnosed with hepatozoonosis [25]. It is important to note 

that H. felis reported from Mediterranean countries in Europe represents genogroup I (e.g., 

under AY628681 from Spain or KY649442 from Italy) which is probably a different species than 

H. felis of genogroup II, detected in domestic cats in Central Europe in this study, as shown by 

the phylogenetic analysis (Figure 16). 

During our investigation in Hungary, one domestic cat proved to be infected with H. 

felis. However, this cat did not show any clinical signs of the disease, and no gamonts were 

found in its neutrophil granulocytes. This might be due to the low parasitemia, i.e., usually only 

1% of neutrophils are infected [20]. It is very important to note that the H. felis-infected domestic 

cat was kept outdoors in the Aggtelek National Park, where this protozoan parasite has 

recently been recognized to cause emerging infection among wildcats [58]. This is the only 

area in Europe north of the Mediterranean Basin where H. felis is known to be endemic. No 

cats were PCR positive outside this region in Hungary. 

The present study describes the first evidence of the presence of H. felis in domestic 

cats in Hungary. In a broader context, this is the first evidence in Europe that domestic cats 

can become infected with H. felis from genogroup II where this species is endemic in wildcats. 

Although different wild rodents may also take part in its transmission [301], the infection most 

likely happened by ingesting infected ticks in the habitat (wooded area of Aggtelek National 

Park) shared with wildcats. 
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Feline cytauxzoonosis is considered a severe disease in the United States, with acute 

course and high mortality [52]. Nevertheless, in Europe Cytauxzoon spp. might be less virulent 

species, which mainly cause subclinical infection, or clinical manifestation associated with co-

infection or immunodeficiency [57]. In Europe several countries (France, Italy, Germany and 

Switzerland) reported the presence of Cytauxzoon sp. in domestic cats without [22]or with 

clinical signs [56, 57, 302, 304]. Moreover, in Portugal a Cytauxzoon sp.-infected cat was 

described as showing clinical symptoms without co-infection with FIV or FeLV, and eventually 

the cat died [305]. Thus, feline cytauxzoonoosis in Europe may even have a serious outcome. 

Investigating the domestic cats in our study, none of them had PCR-positive result, but among 

wildcats one was infected with C. europaeus in co-infection with H. felis. Cytauxzoon 

europaeus has been reported in wildcats in different European countries, i.e., in Germany, the 

Czech Republic, Luxembourg, Bosnia and Herzegovina, Italy, Switzerland, France and 

Hungary [56, 58]. 

In conclusion, feline hepatozoonosis and cytauxzoonosis are emerging infections in 

the southern part of Central Europe. Hitherto H. felis and C. europaeus have only been found 

in wildcats in this endemic area, but according to the present results at least H. felis also 

emerged in domestic cat. This study suggests for the first time in Europe that H. felis from 

genogroup II may emerge in free-roaming domestic cats in such regions where this protozoan 

parasite is endemic in wildcats. The prevalence of H. felis-infection in this region was shown 

to be relatively high among wildcats, both in our previous and this study, but (based on the 

present results) is low among domestic cats. To monitor the possible emergence of H. felis 

with higher prevalence or in other populations of domestic cats and the transmission of C. 

europaeus from wild to domestic cats in the region, further investigations are needed. 

 

6.9. Babesia gibsoni emerging with high prevalence and co-infections in 
“fighting dogs” in Hungary 

To the best of our knowledge, this is the first report of B. gibsoni as an emerging pathogen with 

remarkably high prevalence among “fighting dogs” in Hungary. The results are also relevant in 

a broader geographical context, because in countries north of the Mediterranean Basin hitherto 

only sporadic occurrence of this piroplasm has been reported. In addition, to the best of our 

knowledge, no data on ATV resistance of B. gibsoni have been reported in Europe, i.e. the 

most relevant mutation has only been reported from North America and Asia [37, 46, 306]. 

It is a major advantage of this study that, apart from the availability of blood smears 

and hematological data, molecular identification of piroplasms was also possible, unlike in 

previous reports on small Babesia spp. in dogs in Hungary [47, 48]. Considering the results of 

hematological analyses, the mean levels of the most important parameters (HCT, RBC and 

HGB) were significantly lower in B. gibsoni-infected dogs than in dogs PCR-negative for 
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piroplasms. On the other hand, in the case of B. vulpes these were non-significant 

associations, implying that B. gibsoni caused anemia, whereas B. vulpes did not cause anemia 

in dogs of this study. Therefore, although the number of B. vulpes-infected dogs was too low 

to draw any general conclusions here, the clinical importance of this piroplasm appeared to be 

lower in Hungary compared to what was reported from Spain, where the majority of B. vulpes-

infected dogs (79.6%) showed anemia [307]. Regarding dogs harboring multiple pathogens 

that infected their red blood cells concurrently, pretreatment HCT values revealed that B. 

gibsoni co-infection with both CMhp and Mhc induced more severe anemia than CMhp co-

infection alone. However, the lowest HCT value was measured in a dog infected 

simultaneously with B. gibsoni and Mhc. While these results indicate that co-infections may 

exacerbate the manifestation of babesiosis-associated clinical signs, especially if three 

pathogens affect red blood cells simultaneously, anemia was still less frequently observed than 

in a similar study in North America (49.07%: [38]). 

It is worth noting that hemotropic mycoplasmas may be transmitted via dog bites, 

similarly to B. gibsoni and probably also to B. vulpes [38, 39], thereby making the chance of 

co-infection more likely. It can be assumed that in the dogs studied here, the predominant 

mode of infection was through dog bites, since most of them took part in dog fights, presumably 

except for the puppies. This is confirmed by the scars found on their bodies as also described 

in the North American study [38]. Vertical transmission could also occur [36], because several 

puppies were found infected among the seized dogs, without a history of dog fight. 

Furthermore, tick-borne transmission cannot be completely ruled out here, since R. 

sanguineus (s.s.), the vector of B. gibsoni [33] and canine hemoplasmas [308] has been 

recently reported to emerge in Hungary [309]. However, the lack of any ticks on dogs of this 

study argues against a significant role of the latter. 

Regarding molecular analyses, B. gibsoni was identified in the present study with a 

prevalence of 40.5%. This is considered remarkable for Europe, because similarly high 

prevalence (39%) has only been reported in the USA, where 269 confiscated “fighting dogs” 

were examined [38]. In Europe, a relatively high prevalence (28.6%) was reported in western 

Romania among “fighting dogs” [310]. However, prevalence rates of B. gibsoni infections are 

usually much lower among dogs kept as pet animals. In particular, B. gibsoni occurred in 0.7% 

of asymptomatic dogs in Croatia [311], in 2% of dogs in Spain [312] and in 3.3% of dogs in 

Serbia [313]. In case of dogs imported from Romania and Hungary to Germany, B. gibsoni was 

identified with a prevalence of only 1.9% [51]. The lowest prevalence (0.2%) of B. gibsoni-

infected dogs was documented in the Czech Republic [314].  

The present survey also confirmed B. vulpes infection with a prevalence of 10.1%. To 

the best of our knowledge, this is the first report on the occurrence of B. vulpes in dogs in 

Hungary, where previously this piroplasm has only been reported in red foxes (Vulpes vulpes) 
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[50]. Babesia vulpes has been reported in three dogs in Portugal [315], as well as in France 

(prevalence of 0.7%; [316]), Croatia (prevalence of 3%; [311]) and Serbia (prevalence of 

10.1%; [317]). Among European countries, B. vulpes was identified with the highest prevalence 

(62.5%) in dogs in north-western Spain [307]. Regarding North American studies, B. vulpes 

was either not detected in “fighting dogs” infected with B. gibsoni [38], or these two species 

occurred simultaneously in some of the dogs [39]. However, in the present study no co-

infection was found with both piroplasms, which is most likely a consequence of the low 

prevalence of B. vulpes. 

Interestingly, hemoplasmas were detected with a high prevalence among Babesia 

spp.-infected (62.45%) and B. gibsoni-infected dogs (65.63%). Both CMhp and Mhc were 

already reported in non-pet dogs in the southern part of Hungary [318]. It is important to note 

that hemoplasma co-infection compared to B. gibsoni mono-infection occurred at a higher rate 

in this study (Table 12) than in a previous study from North America which also focused on 

confiscated “fighting dogs” (28%; [38]). Moreover, in the latter study, strong association was 

observed between B. gibsoni and CMhp infections. Therefore, based on the present study, it 

can be assumed that dogs involved in dog fights are at an increased risk of infection with B. 

gibsoni, B. vulpes and hemoplasmas in Europe, similarly to what was reported in North 

America [38, 39]. 

Three genetic markers were targeted for sequence analyses. Based on the 18S rRNA 

gene of piroplasms, all sequences of B. gibsoni (as well as those of B. vulpes) were identical 

to each other and to several conspecific sequences available on GenBank from Europe and 

Asia. However, the cox1 sequences of B. gibsoni obtained from 10 dogs had a single 

nucleotide polymorphism in comparison with Asian genotypes (from Japan and China), i.e. 

possessed a nonsynonymous mutation (methionine to isoleucine) at position 33 in the amino-

acid chain (M33I). The significance of this finding remains unknown, although mutation in cox1 

gene at position 310 has been examined in connection with diminazene aceturate resistance, 

with lack of evidence [216]. 

Cytochrome b gene and related mutations have been recently studied in Asia and in 

the USA. However, to the best of our knowledge, in Europe this is the first reported molecular 

study of the B. gibsoni cytb gene, in which three different mutations were detected. The 

mutation P310S was reported in a Japanese survey, in which it was assumed that this mutation 

may not contribute to the development of ATV resistance [319]. However, in our study two other 

nonsynonymous mutations were also found in the cytb gene in a dog which showed relapsing 

anemia despite treatment with ATV. The mutation M121I was found for the first time in Europe 

being reported so far only in Japan [46, 306] and in the USA [37]. This mutation is thought to 

be responsible for ATV resistance [46]. On the other hand, in this study a F258L mutation was 

also found, presumably for the first time in a worldwide context. Since ATV is a widely used 
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drug in combination with azithromycin against B. gibsoni [320], the above results suggest that 

the possibility of therapeutic resistance should also be expected in Europe. 

Considering the suitability of various genetic markers to analyze the geographical origin 

of Babesia isolates, the 18S rRNA gene did not reveal a clear pattern when sequences were 

analyzed in a geographical context [215]. Similarly, according to differences in the cox1 gene 

among Babesia isolates, there was no phylogenetic grouping by geographical origin [321]. 

However, the cytb gene proved to be successful in showing geographically consistent 

clustering of B. gibsoni isolates from China and Japan [215]. Therefore, the latter genetic 

marker was chosen here in an attempt to trace back the origin (or at least the geographical 

relationships) of the two “Hungarian” cytb strains of B. gibsoni. The phylogenetic analysis 

including several B. gibsoni sequences from Japan, China and India available on GenBank 

showed that B. gibsoni from Hungary is most closely related to conspecific haplotypes from 

Japan (Figure 18). This is in line with previous, repeated findings of the Asian genotype of B. 

gibsoni in Europe (in Germany: [322]; in the UK: [43]) and argues for a single or a limited 

number of introduction event(s) from that direction. The similar phylogenetic affiliation of the 

Hungarian and other European B. gibsoni variants (with Chinese and Japanese, and other 

Asian isolates, respectively) also suggests that the typical mode of transmission in Europe is 

via dog bites, implying predominantly asexual reproduction of Babesia spp. in dogs (i.e. in the 

absence of sexual recombination in biological vector ticks, these isolates may show long-term 

genetic consistency in most loci). 

Babesia gibsoni is an emerging pathogen in the southern part of central Europe, mainly 

in “fighting dogs” among which transmission probably takes place via dog bites. Co-infections 

with B. vulpes and hemotropic mycoplasmas may have exacerbated the symptoms. The cytb 

mutations found in the present study revealed the most likely geographical origin of these two 

B. gibsoni mitochondrial lineages in China and Japan. One of these mutations was reported to 

be relevant in the context of ATV resistance in North America and Asia. 

 

6.10. Transmission route-dependent genetic diversity of selected protozoan 
parasites as reflected by the phylogenetic analysis of the 18S rRNA 
gene 

Genetic diversity of unicellular parasites is not only important for the protozoa themselves, 

ensuring their adaptation to environmental challenges, but it is also crucial to consider when 

diagnostic methods are designed, or attempts are made to counteract genetic resistance to 

therapy. Although new methods have been developed to study this topic, such as amplified 

fragment length polymorphism [323], later nanopore sequencing [324] and single-cell genome 

sequencing [325], PCR amplification and Sanger sequencing of the highly conserved 18S 

rRNA gene across a broad taxonomic range of protozoa seems to be still unexplored. 
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Therefore, to serve as an initiative, this study aimed to focus on those unicellular parasites that 

have been recently discovered and analyzed in a phylogenetic context in Hungary, however 

without simultaneously considering their transmission routes. All the protozoan examples 

included here are associated with pet animals frequently transported due to human activity. 

Therefore, in agreement with former studies (e.g., [326]), we speculate that there is no large-

scale geographical pattern that could have influenced this assessment. On the other hand, it 

has long been addressed how different modes of transmission, e.g., waterborne vs vector-

borne, might affect genetic diversity [327]. 

Among the analysed apicomplexan protozoa, H. felis was found to be the genetically 

most diverse. Its developmental stages in the blood stream are gamonts that do not divide, 

precluding blood-borne mechanical transmission from one host to another. This may reduce 

opportunities for protozoan parasites to infect new hosts. When several host individuals 

become infected from a common source, this allows the spread and establishment of the same 

or very similar genotypes. In addition, Hepatozoon canis and Hepatozoon americanum are 

species associated with dogs which eat cadavers (of carnivores, prey items) potentially 

containing monozoic cysts, probably allowing short term, non-tick-borne transmission between 

dogs [328]. On the other hand, H. felis infects felids. These hosts usually do not engage in 

scavenging, and monozoic cysts are not known to form in their body. This may imply that in 

case of the latter species, infections from common infectious sources (that would promote the 

spread of identical genotypes) are rare or non-existent. 

On the other hand, H. felis is probably a parasite with long evolutionary history: among 

haemogregarines, this species usually belongs to the most basal clade of Hepatozoon spp. 

[329, 330], as also shown here in a broader taxonomic context, i.e., H. felis had the longest 

evolutionary distance and broadest phylogenetic cluster among the studied apicomplexan 

parasites. This could have ensured the most important evolutionary prerequisite (i.e. sufficient 

time) for its long-term genetic diversification. However, as H. felis was shown here to have a 

high rate of genetic diversity, whereas this was low for C. europaeus (both with transstadial 

tick-borne transmission), transstadial transmission alone may not explain this difference 

between these two protozoan parasites. Last but not least, based on its high genetic diversity, 

it was also postulated that H. felis may be a complex of two species [58, 331, 332]. 

Genetic diversity has been found to be lower for B. gibsoni that has a dividing blood-

form and it is well-known to spread directly (mechanically) between fighting dogs [333], in 

addition to a long-term biological, transovarial, tick-borne transmission. With the predominance 

of the direct transmission, identical genotypes are transmitted from the same donor animal to 

several recipient hosts relatively quickly (cf. founder effect, bottle neck effect: 

ingested/inoculated parasites that multiply in the new host represent only a minority of the 

original population). Accordingly, studies found that the overall nucleotide diversity of B. gibsoni 
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was only 0.22-0.23% in populations from Asia and three continents, respectively, revealing the 

low genetic variation among B. gibsoni populations [334]. As reported, this diversity was much 

lower than that of H. canis [335]. Then, in turn, the genetic variation in H. canis was reported 

to be lower, than in the case of H. americanum and H. felis [336]. Thus, high genetic diversity 

of H. felis in the latter study is in line with the present findings. 

Low or lack of genetic diversity in Cytauxzoon felis, a close relative of C. europaeus, is 

also well-documented [337], as demonstrated here and in previous studies of the latter species 

in Europe [58, 214]. It is noteworthy in this context that clinical cytauxzoonosis can be induced 

through injection of tissue or blood harvested from cats with acute cytauxzoonosis [338], 

implying the potential role of mechanical (iatrogenic) spread, as these piroplasms multiply in 

the blood [55]. Theileria spp. (in the same family, Theileriidae, with Cytauxzoon spp.) also 

divide in the blood and can be easily transmitted mechanically between host individuals by 

blood-sucking flies [339], even iatrogenically, contributing to their low genetic diversity [340]. 

 The restricted local genetic diversity of Sarcocystis spp. infecting ruminants is also well 

documented, as exemplified by Sarcocystis cruzi [341], and it is in line with the low genetic 

variation of S. morae shown here. Dogs were proved to be the final hosts of the latter 

cystogenic coccidium for the first time in Hungary [288]. Mechanical transport hosts of 

Sarcocystis sporocysts are insects [342], but these may spread the infection between different 

host types, from the final to the intermediate hosts, while still contributing to the distribution of 

identical protozoan genotypes from a common source (i.e. the final host). 

Among non-apicomplexan protozoa, soil/water-inhabiting, free-living amoebae, which 

are only opportunistic parasites, had the highest rate of genetic diversity. High genetic diversity 

of Acanthamoeba spp., as reported in Hungary [343] and elsewhere, was explained by 

extensive lateral gene transfer and was also related to the long evolutionary history [344]. In 

addition, it has been observed that the expression of meiotic genes was increased in the 

cultures of polyploid Acanthamoeba spp. However, these are probably unrelated to sexual 

reproduction, but rather involved in homologous recombination [345]. Importantly, direct 

transmission of acanthamoebae between hosts is unlikely, therefore this cannot serve 

widespread genetic homogeneity. 

 On the contrary, based on literature data, in case of the directly transmitted T. gallinae, 

very low intraspecific sequence divergence has been detected, including samples from 

Hungary [346], and also in a broader geographical context [134]. Regionally occurring P. 

hominis also showed minimal differences in the 18S rRNA gene [347], which is in line with the 

present results. As the third example with low intraspecific genetic diversity, T. foetus isolates 

were reported to be identical, even when examined from different countries [106, 348]. 

Mechanical transport hosts are probably slugs [349]. In summary, the sexual reproduction in 
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trichomonads remains to be clarified, although for Trichomonas vaginalis it has been inferred 

from the possession of meiotic genes [350].  

 

 

Conclusion 

The results draw attention to emerging protozoa from a wide range of companion animals. The 

significance lines in that the number of companion animals has been increasing, and the 

possible diagnostic methods have also developed a lot in recent decades. In conclusion, the 

present study has some limitations, most notably the lack of relatively long 18S rRNA gene 

sequences in GenBank for most parasitic protozoa, thus not all apicomplexan taxa could be 

included here. Based on the eight analyzed apicomplexan and non-apicomplexan species, 

both direct and indirect (transstadial and transovarial tick-borne) transmission modes were 

represented. Although preliminarily, it was proved that the transmission mode has a significant 

impact on the genetic diversity among protozoan parasites, depending on various life cycle 

strategies and consequent frequency/chance of sexual reproduction vs binary fission. In 

particular, H. felis and A. castellanii were shown to have the highest rate of genetic diversities, 

and these two protozoa do not have direct transmission between their hosts, contributing to 

this phenomenon. However, the scope of this pilot study should be extended in the future to 

draw final conclusions in this context.  
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7. Overview of the new scientific results 

 

Ad 1. First report on the Giardia-carrier status of pet degus, and on Assemblage E of G. 

duodenalis in beavers. 

Ad 2. First report on the genetic diversity of T. gallinae in the southern central and 

southeastern European region. 

Ad 3. First evidence of T. foetus in dogs of our region, and a hitherto unknown large 

intestinal Tritrichomonas sp. was shown to be present in a cat. 

Ad 4. Not yet reported species of the genus Monocercomonas, and Acanthamoeba spp. 

with possible clinicopathological significance in reptiles, and including zoonotic species. 

Ad 5. No correlation between the presence of Acanthamoeba and ocular illnesses in 

canine and feline patients. 

Ad 6. BARF-feeding may contribute to the contamination of the environment with E. 

stiedai oocysts. 

Ad 7. First molecular evidence in support of the final host role of domestic dogs in the 

life cycle of S. morae. 

Ad 8. First report in Europe on the presence of H. felis from genogroup II in free-roaming 

domestic cats. 

Ad 9. The first cox1 and cytb characterization of B. gibsoni in Europe, as well as the first 

report on the emergence of this piroplasm and hemoplasmas with high prevalence among 

“fighting dogs” north of the Mediterranean Basin. 

Ad 10. The absence of direct transmission between hosts may play a role in the high 

genetic diversity of certain protozoan parasites, as exemplified by Hepatozoon and 

Acanthamoeba spp. 
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10. Supplements 

 
 
Supplementary Table 1: Various reptile (and one amphibian) species tested in this study.    

order suborder (super)family English name of 
species 

Latin name of species sample number 

TESTUDINES 
Cryptodira 

Chelydridae 
Alligator snapping turtle 

Macrochelys 
temminckii 

HK69 

Testudinidae 

Leopard tortoise Stigmochelys pardalis HK2, HK10, HK17, HK53 

Red footed tortoise Chelonoidis carbonaria 
HK4, HK36, HK38, HK56, HK61, 
HK62, HK87 

Pancake tortoise Malacochersus tornieri HK7, HK96 

Yellow footed tortoise 
Chelonoidis 
denticulata 

HK66, HK81 

Pleurodira 
Chelidae Roti Island snakeneck 

turtle 
Chelonia mccordi HK32 

SQUAMATA 

Sauria Gekkonidae 

Leopard gecko Eublepharis 
macularius 

HK33, HK34, HK37, HK98, HK99 

Crested gecko Rhacodactylus ciliatus HK35, HK60, HK65, HK14 

Henkel’s leaf-tailed 
gecko 

Uroplatus henkeli HK85 

Scincomorpha (Scincoidea) Blue tongued skink Tiliqua scincoides HK15, HK8 

Autarchoglossa Helodermatidae 
Gila monster Heloderma 

suspectum* 
HK23, HK75, HK97 (*housed 
together) 

Beaded lizard Heloderma horridum* 

 
Gerrhosauridae Sudan plated lizard Gerrhosaurus major HK3, HK71, HK76 

Teiidae Black and white tegu Salvator merianae HK40, HK49, HK88 

 Varandiae 

Bosc monitor Varanus 
exanthematicus 

HK24, HK45 

Rough-necked monitor Varanus rudicollis HK63 

Asian water monitor Varanus salvator HK11 
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Iguania 

Iguanidae 

Rhinoceros iguana Cyclura coronuta HK13, HK16, HK48, HK70, HK79, 
HK89 

Fiji banded iguana Brachylophus bulabula HK19 

Spiny tailed iguana Ctenosaura pectinata HK22, HK77 

Green iguana Iguana iguana HK52, HK5, HK72, HK88, HK91 

Casquehead iguana Laemanctus serratus HK68 

Desert iguana Dipsosaurus dorsalis HK93 

Agamidae 

Indian garden lizard Calotes versicolor HK39, HK55, HK27 

Bearded dragon Pogona vitticeps HK9 

Frilled dragon Chlamydosaurus kingii HK6, HK8, HK25, HK42 

Australian water dragon Intellagama lesururii HK18, HK57 

Striped water dragon Tropicagama 
temporalis 

HK54, HK50, HK44, HK59 

Asian water dragon Physignathus 
cocincinus 

HK94 

Sulawesi sailfin lizard Hydrosaurus 
celebensis 

HK73, HK90 

Serpentes 

Boidae Boa constrictor Boa constrictor HK30, HK12, HK31, HK86 

Yellow anaconda Eunectes notaeus HK51 

Colombian rainbow boa Epicrates maurus HK92 

Pythonidae Royal python Python reguis HK21, HK41, HK64, HK74 

Burmese python Python bivittatus HK26, HK67, HK80 

Carpet python Morelia spilota HK28, HK43 

Spotted python Antaresia maculosa HK84 

Colubridae Milk snake Lampropeltis 
triangulum 

HK1 

California kingsnake Lampropeltis 
californiae 

HK20, HK29, HK78 

Gopher snake Pituophis catenifer HK46, HK83 

Elapidae Monocled cobra Naja kaouthia HK95 

Anguimorpha Anguidae Sheltopusik Pseudopus apodus HK82 

CROCODYLIA Alligatorinae Alligatoridae Chinese alligator Alligator sinensis HK58 

 ANURA  Pelodryadidae White-lipped tree frog Litoria infrafrenata HK47 
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Supplementary Table 2. PCR reaction components in the study. 

Parasite/target 

gene/ 

Reaction mixture  

DNA 

1.0 U 

HotStar Taq 

Plus DNA 

Polymerase* 

dNTP 

mix 
Primers 

10×Cor

al Load 

PCR 

buffer** 

extra 

MgCl2 

PCR 

grade 

water 

T. gallinae /18S 

rRNA/ 
0.2 µl 0.5 µl  1 µl  2.5 µl 1 µl  14.8 µl 

5 µl 

T. gallinae 

/alpha-tubulin/ 
0.2 µl 0.5 µl  1 µl  2.5 µl - 15.8 µl 

Trichomonadid

a /short and 

long fragment 

of 18S rRNA/ 

0.2 µl 0.5 µl 1 µl 2.5 µl - 15.8 µl 

Trichomonadid

a /ITS2/ 
0.2 µl 0.5 µl 1 µl 2.5 µl - 15.8 µl 

Acanthamoeba 

/18S rRNA/ 
0.2 µl 0.5 µl 1 µl 2.5 µl - 15.8 µl 

Neospora 

Toxoplasma  

Cystoisospora 

spp. (COI/ 

0.2 µl 0.5 µl 1 µl 2.5 µl - 15.8 µl 

Neospora sp. 

/NC5/ 
0.2 µl 0.5 µl 1 µl 2.5 µl - 15.8 µl 

Toxoplasma 

sp. /repeat 

region/ 

0.2 µl 0.5 µl 1 µl 2.5 µl - 15.8 µl 

Piroplasms 

Sarcocystis 

spp. /18S 

rRNA/ 

0.2 µl 0.5 µl 1 µl 2.5 µl - 15.8 µl 

Hepatozoon 

spp./18S rRNA/ 
0.2 µl 0.5 µl 0.4 µl 2.5 µl 1 µl 17.8 µl 

Cytauxzoon 

spp. /cytb/ 
0.2 µl 0.5 µl 1 µl 2.5 µl - 15.8 µl 

Babesia 

gibsoni /cox1/ 
0.2 µl 0.5 µl 1 µl 2.5 µl - 15.8 µl 

Babesia 

gibsoni /cytb/ 
0.2 µl 0.5 µl 1 µl 2.5 µl - 15.8 µl 

*Qiagen, Hilden, Germany, **15 mM MgCl2 included  
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